
ABSTRACT 

DOERING, JONATHAN ADAM. Understanding Musculoskeletal Changes with Age: Stiffness 

in Muscle-Tendon Units and Cellular Crosstalk. (Under the direction of Drs. Gregory S. Sawicki 

and Jacqueline Cole-Husseini). 

 

The overall goals of the four studies presented herein are 1) to identify how the stiffnesses 

that govern the mechanical behavior of the muscle-tendon unit (MTU) during locomotion shift 

during aging and 2) to investigate how these stiffness changes arise at the cellular level and how 

these cellular changes can be affected by crosstalk between muscle and bone. These studies were 

performed using computational and experimental models of vertical hopping, in conjunction with 

in vitro studies.  

In Chapter 1, the current state of the literature describing the stiffness changes attributed to 

aging in bone, muscle, and tendon is addressed. In Chapter 2, we used a previously described 

Hill-type model to sweep a 2D parameter space of muscle and tendon stiffnesses centered on a 

“typical” stiffness for a healthy young human. Results from the study suggest that tendon 

stiffness governs more of the function of the entire muscle-tendon unit (MTU) than does muscle 

stiffness. We hypothesize that aging may induce the observed MTU changes seen in humans in 

one of two ways: (1) stiffer muscle and tendon, or (2) stiffer muscle but more compliant tendon.  

Studies investigating the stiffness changes of muscle-tendon units across age have 

demonstrated conflicting findings. Therefore, in Chapter 3, we replaced the modeled MTU with 

a biological one from either a young or old FN344 x BN1 aging rat hybrid and simulated the 

inertial environments from Chapter 2. We characterized the stiffness utilizing isometric testing, 

determined the resonant frequency of the MTU, and drove muscle contraction by direct nerve 

stimulation across a range of frequencies centered on the resonant frequency. We found that, 

while neither overall MTU stiffness nor muscle and tendon stiffness was not significantly 



different between young and old rats, older MTUs tended to have increased muscle stiffness and 

decreased tendon stiffness. This trade off led to small changes in force, length, velocity, and 

power output of the muscle. This concludes that the tradeoff of stiffnesses in the MTU provide a 

robustness of the system to function changes.  

 While higher-level structural changes are often reported in muscle functional studies, how 

these changes arise at the cellular level are rarely investigated. In Chapter 4, we optimized a 

cellular co-culture system to enable experiments that examine the age-related changes in the 

growth and function of muscle myoblasts and bone osteoblasts. We selected bone due to its 

proximity to muscle and role in muscle growth and repair. We used a Brown Norway rat model 

and isolated cells from hindlimb muscles and bones. We tested several growth conditions to 

determine the one best for promoting both muscle and bone cell growth. Our results 

demonstrated that, while cell plate coating did not alter cell growth, the culture media altered 

how the cells grew and differentiated, with muscle and bone cells both preferring their own cell-

specific media.  

 We employed the optimized conditions from Chapter 4 to perform an aging muscle and bone 

cell co-culture study in Chapter 5, using cells isolated from young and old rat hindlimbs 

contralateral to the ones used in the muscle function studies in Chapter 3. By characterizing the 

proliferation, differentiation, and crosstalk between muscle and bone cells, we attempt to 

determine the source of stiffness changes in aged MTUs. We hypothesized that collagen 

deposition is altered in old vs. young muscle as a result of insulin-like growth factor 1 (IGF-1) 

changes that may contribute to the observed aging stiffness changes. However, the results 

showed little difference in collagen deposition between young and old muscle cells across age. 



The outcome of this work provides a framework for more cross-disciplinary studies leading to 

designs of new clinical interventions. 
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CHAPTER 1: Understanding Muscle, Tendon, and Bone Aging Across Scale and Species 

1.1.Introduction 

 Aging is a universal, detrimental, and progressive process, characterized by a reduced ability 

to respond to internal and external stresses and leading to functional losses in tissues throughout 

the body1. The rate of this progression is highly variable and may depend on numerous factors, 

including genetics, disease history, and lifestyle2. While the appearance and rate of age-related 

losses may differ between individuals, all organ systems (nervous, muscular, skeletal, etc.) can be 

affected. In particular, the relationship between the muscular and skeletal systems in response to 

aging has been an emerging topic of interest3. In aging, the functions of muscle and bone (i.e., 

support, locomotion, posture, etc.) are reduced4,5. The functional reductions in these tissues are 

directly influenced by changes in their structural components (e.g., muscle cross-sectional area, 

bone mineral density); however, the direct links between specific structural changes in bone, 

tendon, and muscle and corresponding functional declines are not well understood6-9. 

Understanding how structural changes arise in the parent tissues may begin to explain these 

reductions in functional outcomes. 

Cellular and molecular events (e.g., signaling cascades, protein synthesis/degradation, etc.) in 

bone, tendon, and muscle are influenced by a variety of factors. Through mechanotransduction, 

mechanical loading of tissues induces cellular events10, such as activation/deactivation of tissue-

specific cell types, altered expression of proteins, and tissue remodeling, which commonly effect 

structural changes in musculoskeletal tissues. In aging, decreased loading and subsequent 

alteration of mechanotransduction pathways in musculoskeletal tissues are common11, but other 

factors, such as energy metabolism or diet, will also alter the structural properties of these tissues12. 

Regardless of how these structural changes arise, musculoskeletal tissue function declines with 

aging.  
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Functional responses in musculoskeletal tissue include several important relationships. From 

mechanical testing, stress/strain curves in specific tissues highlight the values for important 

material properties, such as modulus, ultimate stress, and ultimate strain of the tissues13,14. Testing 

to measure the viscoelastic properties of these tissues, particularly muscle and tendon, can also be 

performed13. In a whole body sense, these tissue-specific responses can have an additive effect, 

leading to altered ranges of motion or force outputs. Furthermore, altered ranges of motion and 

forces can lead to higher-level functional changes such as altered gait. In summary, changes at the 

tissue level can build to changes at the whole body. By understanding the tissue-specific functional 

changes in aging, researchers can better describe treatments to improve quality of life. 

This review focuses on the structural and functional changes of musculoskeletal (bone, tendon, 

and muscle) tissues with aging, and how these changes may be measured in several human and 

animal models. First, the cellular changes in aging will be discussed for each tissue and how these 

cellular changes influence structural properties. Second, the functional characteristics of each 

tissue, and how they change with aging, will be described. Finally, we will discuss how 

understanding age-related functional and structural changes for these tissues may inform changes 

in the function of neighboring tissues.  

1.2. Bone 

1.2.1. Bone Cell Differentiation, Communication, and Mechanotransduction   

 Bone is the primary structural component of the body, providing protection to internal organs, 

storing essential minerals, and allowing for locomotion and load bearing15. To accomplish these 

functions, bone exists as a composite material, containing an organic matrix (mostly collagen type 

I, cells, and water) embedded with inorganic minerals (primarily hydroxyapatite)15,16. The 

development of bone into this composite material is primarily driven by the cells native to bone: 

osteoblasts (born forming cells), osteocytes (mature osteoblasts), and osteoclasts (bone resorbing 
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cells)16. Osteoblasts and osteocytes arise from a mesenchymal origin, and osteoblasts synthesize 

and deposit new matrix in the modeling and remodeling of bone16. Osteoblasts that become trapped 

within the matrix during modeling or remodeling become entombed in the bone and transition into 

osteocytes, responsible for mechanosensing and control of bone remodeling16. Osteoclasts, on the 

other hand, arise from a hematopoietic lineage, and are multinucleated cells responsible for 

removing old or damaged bone16. Like many cellular events, functions of these cells are highly 

regulated by a variety of signaling factors. With aging, both the number and function of these cells 

may be altered. 

 Like all cells, bone cells have a limited lifespan determined by a plethora of factors, including 

the number of replications, external signaling changes from other cells, and cellular damage. With 

increased cellular divisions, the ability of the cells to fully replicate genetic information is reduced, 

until eventually apoptosis is initiated17. With aging, many of these cell types progressively reach 

this apoptotic stage, and new cells are more difficult to produce18,19. This reduces the bone’s ability 

to remodel. In remodeling, osteoclasts resorb bone while osteoblasts place new bone, yet with a 

reduction in cell number, the amount of bone removed or placed diminishes. This reduction in 

remodeling ability can begin as early as age 30 in humans and progressively declines throughout 

the lifespan20. While the number of cells may be restricted by replication cycles limiting 

subsequent divisions, the signaling events pertaining to these cells may also change, resulting in a 

compounding effect in bone. 

 The pathways that control the differentiation, remodeling, and communication between bone 

cells are wide-ranging and complex; highlighted here are the most-studied pathways pertaining to 

bone aging. Osteoblast differentiation is regulated by the wingless-type MMTV integration site 

(Wnt) pathway (Figure 1). For osteoblast differentiation to occur, the Wnt protein binds to protein 
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receptors on the cell surface, resulting in a signaling cascade that allows β-catenin to translocate 

to the nucleus and initiate differentiation21. In aging, two pathways have been hypothesized that 

inhibit the Wnt signaling pathway: oxidative stress and reduced Wnt ligand expression. With 

oxidative stress, reactive oxygen species (ROS) activate transcription factors that sequester β-

catenin, thereby inhibiting differentiation22-25. Reduced Wnt expression may arise from a 

decreased number of Wnt genes, brought on by higher-level signaling changes, or mutations in the 

gene due to repeated cellular divisions26,27. Reduced Wnt signaling leads to a diminished number 

of osteoblasts and osteocytes; therefore, the remodeling process is tilted in favor of bone 

resorption, resulting in the bone loss associated with aging. Animal studies have demonstrated that 

increased Wnt signaling leads to a protective effect, preventing bone loss28,29. 
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Figure 1. The effects of aging on bone cell signaling pathways. MSCs differentiate into osteoblasts based on binding of Wnt 

proteins via endocrine/paracrine pathways, which induces β-catenin to translocate to the nucleus and promotes differentiation. 

Aging hinders this process through increased ROS or sclerostin (SOST) signaling. Once differentiated, bone remodeling can occur 

through RANK signaling. Bone resorption can occur through expression of the OPG receptor that sequesters RANK. In aging, a 

decreased number of osteoblasts presents leading to decreased OPG receptors. Bone remodeling then demonstrates increased 

resorption and decreased new bone production. 
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 The communication between bone cell types may also breakdown in aging. As stated 

previously, bone remodeling is a tightly coordinated effort between osteoblasts and osteoclasts, 

governed by communication between them and also with osteocytes, which is critical to the 

homeostasis and repair of bone. Three types of communication between these cells exist: direct 

contact, gap junctions, and paracrine signaling pathways30,31. In direct contact (i.e., juxtacrine 

signaling), membrane-bound proteins between cells can interact with each other to start 

intracellular cascades. With gap junctions, the osteocytes can allow the passage of small water-

soluble molecules between them. However, the most affected communication type with aging is 

paracrine signaling between osteoblasts and osteoclasts30,31, which is complex and multi-faceted 

and has been described thoroughly elsewhere32,33. Briefly, osteoblasts and osteocytes secrete 

receptor activator of nuclear factor kappa-B ligand (RANKL), a differentiation factor for 

osteoclasts that binds to RANK receptors on the osteoclast membrane34. Osteoclasts are activated 

to resorb bone, and in turn secrete their own set of paracrine signaling factors that signal osteoblasts 

to create new bone. Control of this feedback may be accomplished by an antagonistic receptor on 

osteoblasts, osteoprotegerin (OPG), which also binds RANKL, reducing activation of 

osteoclasts35. Studies have shown that the number of osteoblasts and osteoclasts is reduced in 

aging18,19; however, osteocytes can also produce RANKL, further causing differentiation and 

activation of osteoclasts to break down bone. However, with less OPG available (due to fewer 

osteoblasts overall), the feedback to inhibit osteoclasts is reduced, and the remodeling process 

becomes further imbalanced, leaning towards increased bone resorption36. If this is compounded 

with mechanotransduction pathways present, bone remodeling can be further affected. 

 Mechanotransduction pathways in bone represent a unique avenue for cellular changes that 

arise due to loading of the bone. In aging, reduced physical activity is common, reducing the loads 
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typically observed on the bone37. As a consequence, after osteoclasts are activated by RANKL, the 

osteoblasts cannot return to normal level bone synthesis, and a reduction of bone mass occurs33. 

Many different signaling pathways related to loading may explain this phenomenon, yet one of the 

most hypothesized explanations for this reduction in osteoblast-related bone synthesis is the 

sclerostin signaling pathway. Sclerostin is a Wnt antagonist in osteoblasts and is an inhibitor of 

bone development38. Studies have demonstrated that mechanical loading of bone decreased 

sclerostin levels while increasing bone mass39. With reduced loading, sclerostin levels are 

increased, and go on to inhibit the Wnt pathway for osteoblast differentiation and activation40. In 

summary, aging can cause a reduction in the amount of bone-specific cell types while 

simultaneously reducing the communication effectiveness between these cell types. Furthermore, 

lifestyle choices (e.g., reduced activity) have a compounding effect on bone’s ability to remodel. 

While cellular activation and communication is important for remodeling, the changes of the bone 

matrix with aging have not been discussed.  

1.2.2.  Protein and Matrix Changes in Bone  

 Bone is a composite material, containing both inorganic and organic components. The 

inorganic component of bone consists of minerals, primarily hydroxyapatite. The organic matrix 

component of bone contains primarily collagen type I with a small amount of non-collagenous 

proteins20. The collagen provides flexibility and resistance to tensile forces of bone, while the 

mineral provides resistance to compression forces. With aging, the organic component and the 

production of its associated matrix changes the most. Collagen type I, the primary aspect of the 

organic matrix, is secreted by osteoblasts during bone remodeling20. Collagen production by 

osteoblasts can be modified by a variety of different pathways; however, one pathway under 

intense investigation is the insulin-like growth factor 1 (IGF-1) pathway. 
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 IGF-1 is an important growth and differentiation factor that is secreted and expressed by many 

tissues. In bone specifically, growth is modulated by IGF-1 through endocrine, paracrine, and 

autocrine signaling, and can be secreted by all bone cells41. IGF-1 binds to IGF-1 receptor (IGF-

1R), which leads to a signaling cascade with a wide variety of end results including: alterations in 

Wnt signaling, increased glucose uptake, altered cellular metabolism, and increased bone 

growth41,42. Knockout studies in mice have demonstrated that in osteoblasts, when IGF-1 is not 

produced, less collagen I is produced, reducing the amount of bone formation43,44. Alternatively, 

increasing IGF-1 results in increased long bone growth and cortical bone width, suggesting 

increased activation of osteoblasts and collagen I secretion44. IGF-1 effects on osteoclasts and 

osteocytes have not been well studied, yet those that have been performed suggest that IGF-1 

knockout leads to decreased osteoclast numbers and a reduced ability of osteocytes to signal 

remodeling45. In aging, IGF-1 levels are reduced46, and therefore bone formation is reduced. 

Combined with cellular communication events discussed previously, the remodeling process is 

further pushed toward resorption. While IGF-1 plays an important role in collagen I synthesis and 

deposition, the aging process can also adversely affect the collagen structure within bone. 

 Collagen in bone is first synthesized within osteoblasts as pro-collagen fibrils, which are then 

secreted and further modified so that the collagen fibrils can aggregate into a triple-helical fibril47. 

The triple-helical fibrils associate to form larger fibrils and then fibers47. Collagen fibrils are 

further stabilized by the formation of crosslinks, which provide the greatest impact on the strength 

and toughness of the collagen. In aging, the number and type of collagen crosslinks change. 

Typical crosslinks are formed enzymatically, where the end regions (N- and C-terminus) of one 

collagen molecule binds to the helical region of another48. As aging proceeds, crosslinks are then 

formed instead by connecting both terminal regions and a helical region, which increases the 
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stiffness of the collagen48. Additionally, aging introduces nonenzymatic crosslinks, where 

advanced glycation end-products (AGEs) increase and allow the collagen to resist turnover and 

fibers to persist longer47. Studies have demonstrated that nonenzymatic crosslinking increases with 

age, while enzymatic crosslinking decreases49. Popular hypotheses suggest that this change in 

crosslink type may be a protective effect in response to decreased collagen production with aging47. 

These nonenzymatic crosslinks would then allow collagen to remain longer without degrading 

(since new collagen production would be decreased); however, while the stiffness of collagen 

increases, the strength and toughness of bone may decrease. Collagen orientation can also change 

with aging, where the changes in crosslinking cause the orientation to become more aligned in a 

singular direction, which will also alter mineralization.  

 The primary mineral found in bone, hydroxyapatite, exists as a mineral crystal that can vary in 

size with age. Studies in humans have shown that bone mineral crystal size increases with age for 

the first few decades of life (20-30 years) and progressively decreases afterward50. Additionally, 

the amount of carbonate (as a measure of substitution in hydroxyapatite) was increased after 30 

years of age50. Other studies have also established that due to the sizes of the mineralized crystals 

and collagen orientation, the mineral density of young bone is less dense than that of older bone, 

but these changes seem to vary across species and bone type20. Nevertheless, signaling changes 

exist within bone in aging, and these signaling changes contribute to overall changes in the 

structural components of bone, such as collagen crosslinking, mineral deposition, and bone mass, 

that negatively impact the overall load-bearing function of bone. 

1.2.3. Bone Geometry and Functional Changes  

 As the matrix of bone is laid down, and mineralization occurs, bone begins to take its 

characteristic geometric shape depending on the location in the body. In aging, larger bones such 

as the long bones are often investigated. The long bones have compact cortical bone along the 
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diaphysis and porous cancellous bone in the metaphysis and epiphysis. The morphology of bone 

can change in accordance with Wolff’s law: as load is altered, the bone adapts to facilitate that 

load51. This functional adaptation occurs in many cases, including exercise, limb disuse, and 

spaceflight, as well as direct loading in animal models. During aging, both cortical and cancellous 

bone experience morphological changes in response to decreased loading. In mice, cortical bone 

size, trabecular bone volume, and bone strength declines after as early as 12 months of age52. In 

rat aging studies, the long bones experience cortical thinning, as well as decreased trabecular bone 

volume fraction, trabecular thickness, and mineral density in the metaphysis53,54. Furthermore, 

murine hindlimb suspension models (as an analog of disuse) demonstrated similar age-related 

declines in bone metrics55. In human studies, while more difficult to determine (see section 2.4), 

demonstrate patterns to those seen in animal models with cortical thinning and decreases in 

trabecular number and bone volume fraction56. In general across studies, the cross-sectional area 

of the bone decreases, cortical bone mass decreases, and trabecular bone has a less robust 

architecture. Just as changes in the cellular response can lead to changes in the bone geometry, 

changes in the geometry can then alter the functional response of the bone. 

 Bone is typically characterized by the loads that are applied during activities of daily living 

(e.g., walking, running). These activities place loads on the bones that are complex in nature, and 

combinations of simpler loading modes: axial loading (tension or compression), bending, and 

torsion (twisting)14. For each of these loading types, specific mechanical testing can determine the 

bone strength and stiffness. When a monotonically increasing load is applied in one of the three 

loading modes until the bone breaks, the bone progressively deforms. This load-deformation 

behavior is characterized by an initial linear (elastic) region, followed by the yield point, a 

nonlinear post-yield region containing the ultimate load and displacement, and then the failure 
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point at which the bone breaks14. The slope of the elastic region is the stiffness of bone, and the 

area under the entire curve is the energy absorbed until failure14. Aging bone has a greater stiffness, 

undergoing smaller deformations at each load49. In many cases, older bone has a smaller or 

nonexistent post-yield region and instead fractures at the yield point, demonstrating more brittle 

behavior. While the whole bone structural properties calculated from the load-displacement curves 

may change in aging, tissue-level apparent material properties can also demonstrate age-related 

changes.  

 The tissue-level material properties are independent of the bone size and shape and are based 

on mechanical testing of samples with known geometries. With these tests, the load-displacement 

data can be normalized by geometric measures to produce stress-strain curves. Stress is defined as 

the load per cross-sectional area, and strain is defined as the change in length (displacement) per 

initial length14. Instead of stiffness, the slope of the curve now represents the modulus of elasticity 

(i.e., Young’s modulus)14. The area under the curve is again the energy absorbed until failure, yet 

with regards to tissue mechanics is referred to as toughness. In aging, bone experiences an increase 

in the modulus of elasticity and a decrease in toughness and ultimate stress57. These declines 

contribute to the increased incidence of fracture in aging, particularly with osteoporosis. 

Understanding how these changes initially arise is of critical importance to developing new 

treatments. Experimentally determining the factors can be difficult and may require the use of 

animal models. 
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Figure 2. Structural (left) and material (right) characteristics of bone under tensile loading. The structural stiffness and 

Young’s modulus are determined from the linear portion of each curve. The red dot indicates the end of the elastic region and 

beings the post-yield deformation region. The green dot indicates when the most amount of load or stress is reached. In normal 

bone, the ultimate stress can reach anywhere between 100 and 150 MPa, and can occur between 1 and 2% strain, with failure 

occurring shortly thereafter. Aging bone (indicated by the dotted curve in both plots) typically demonstrates increase stiffness and 

modulus, and can fail as early as the yield load. Very little post-yield deformation is often demonstrated, indicating more brittle 

bone.  

 

1.2.4. Measuring Bone Metrics Across Scale and Species 

 Measuring cellular responses and mechanical properties from bone can be difficult to 

accomplish in humans. Many of the mechanical properties that can be measured in bone require 

the use of isolated whole bone samples (i.e. removed from the body), which may only be obtained 

from cadaveric samples. It is from these cadaveric samples that much of our understanding of the 

bone changes with aging arise. However, measuring changes in vivo in humans is more difficult. 

One measurement technique is the dual energy X-ray absorptiometry (DXA) scan, which is the 

clinical gold standard for measuring bone mineral density (BMD), the metric used to diagnose 

osteopenia and osteoporosis58. However, DXA scans calculate an areal BMD using projected area 

in the plane of the scan58,59. Other imaging modalities, such as quantitative computed tomography 

(QCT), can measure true volumetric BMD, yet the cost, extra radiation, and time required to 

complete these QCT scans have led to the DXA scan being the most widely used60. While these 

imaging techniques can give insight to bone mass and density, many of the mechanical properties 
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of bone can only be performed on bone ex vivo. Therefore, mechanical properties are performed 

in cadaveric samples, bone biopsies, or animal models. 

 While animal bones do not directly represent human bones, high-resolution imaging and 

mechanical testing of these bone samples provides critical information about general trends for 

mechanical properties with aging or in response to treatments, and samples are much easier to 

obtain for a wide range of ages and disease states. Micro-computed tomography (micro-CT), and 

now even nano-CT, provide detailed volumetric information about bone microstructure and 

mineralization and their distribution within the bone62. However, the X-ray dosing for these 

systems is high, and scans can only be performed on ex vivo samples. In vivo micro-CT scanners 

have a slightly lower dosing (and thus a lower spatial resolution) and can be used for longitudinal 

measurements in live animals, but they can only accommodate small animals, such as rats and 

mice. High resolution peripheral computed tomography (HR-pQCT) is a recent technology that 

enables similar measurements in vivo humans, but it is limited to peripheral sites, such as the 

forearm and tibia, and has a spatial resolution that is about an order of magnitude lower than micro-

CT. As imaging technology advances, perhaps clinical CT scanners will become more widely used 

and replace DXA as the gold standard for assessing bone health. However, much is still unknown 

about how these structural changes arise at the cellular level, which cannot be measured with these 

techniques. 

 Cellular techniques are wide-ranging and well developed. In bone, mesenchymal stem cells or 

hematopoietic stem cells can be harvested from bone marrow and cultured to maturation to give 

rise to osteoblasts and osteoclasts. From these cultured cells, morphology can be assessed using 

microscopy, with or without staining to aid visualization. Expression profiles for certain signaling 

and growth factors, such as Wnt, RANKL, or IGF-163, can be determined from cultured cells from 
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conditioned media using enzyme-linked immunosorbent assay (ELISA) techniques. Staining 

protocols on these cells can also demonstrate where signaling proteins may be localized or the 

amount of metabolic activity of the cells. Additionally, gene expression of the respective signaling 

proteins can be measured using quantitative real-time polymerase chain reaction (qRT-PCR). At 

the tissue level, bone can demineralized, sectioned, and stained to examine how the cells organize 

in their native structure. Similarly, staining protocols can also be performed on these sections to 

determine similar metrics are described for cell cultures. These techniques are easily performed on 

patient bone biopsies or bone samples from animal models and have helped shape our current 

understanding of bone. 

1.2.5. Bone Summary 

 Bone is an important tissue, performing the essential functions of protection, postural support, 

and mineral balance. Bone’s ability to withstand and transmit loads make it critical when 

performing tasks of daily living, as is its ability to adapt in response to altered loading conditions. 

This functional adaptation is controlled by a variety of cellular processes involving all three cell 

types within bone: osteoblasts, osteocytes, and osteoclasts. Osteocytes sense mechanical changes 

within the bone and promote remodeling, and osteoclasts and osteoblasts work together in a tightly 

coordinated effort to resorb and rebuild bone, respectively, to facilitate both the metabolic and 

mechanical roles of the skeleton. In aging, many of the processes are negatively altered, leading 

to an imbalance between bone resorption and formation and resulting in an overall deficit in bone 

mass and structure. Aging also impacts the material properties of bone, including decreased 

modulus of elasticity, ultimate stress, and toughness, all which contribute to bone fragility. Bone 

mass, structure, and material properties all affect the functional ability of bone to bear load and 

resist fracture. Understanding how aging impacts all of these components is important for 

developing new treatments and therapies to mitigate fracture risk. Measuring both cellular and 
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mechanical metrics is more difficult to do in vivo in humans due to the invasive nature of many of 

the techniques. Use of animal models can facilitate these experiments, yet the models must be 

extensively validated to confirm that they adequately mimic human conditions and that the 

findings are translatable to humans. The structure-function relationships have been well 

characterized in bone, both in health and in aging and disease, but these relationships in other 

musculoskeletal tissues, namely tendon and muscle, have been less investigated and remain poorly 

understood. However, many of the approaches used to examine these structure-function 

relationships in bone can be applied to the other tissues. 

1.3. Tendon 

1.3.1. Tendon Cell Differentiation and Mechanotransduction 

 While bone provides structure and protection to the body, and muscle generates forces to 

stimulate movement, tendon transmits these muscle forces to the bone to produce joint moments 

and facilitate movement. Tendon is a connective tissue consisting of primarily extracellular matrix 

(ECM) with fibroblast-like cells referred to a tenocytes64. Tenocytes arise from a mesenchymal 

lineage and are responsible for secreting the collagen component of the ECM64, which is made 

primarily of collagen type I65. Tenocytes also secrete repair proteins and matrix proteoglycans that 

control the collagen synthesis and degradation64. Tenocyte differentiation is poorly understood, 

yet the best hypothesis suggests that the helix-loop-helix transcription factor, scleraxis (Scx), 

promotes tenocyte differentiation66. Scx is primarily activated by a signaling cascade initiated by 

bone morphogenetic protein 12 (BMP-12). In both mesenchymal stem cells and mature tenocytes, 

secretion of BMP-12 and subsequent activation of Scx leads to the development of new 

tenocytes66. Similar to bone, the ability of tenocytes to replicate is based on number of replications, 

external signaling, and damage exhibited throughout the lifespan. While the specifics of how 
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tenocytes respond to these factors remain poorly understood, in aging, the result is a decrease in 

the number of available tenocytes to remodel tendon tissue67. Additionally, the metabolic function 

of the tenocytes and the ability to produce new proteins are reduced67. These tenocyte-specific 

decreases lead to a decreased ability to respond to mechanical stimulation. 

 Tenocytes can sense mechanical signals (e.g., tension, compression, hydrostatic pressure) 

through their own cytoskeletal arrangement of actin molecules. In homeostasis, tenocytes exist at 

an initial length and orientation. Upon receiving mechanical stimuli, changes in the length and 

orientation of the tenocyte activates intracellular ion channels, thereby releasing intracellular 

calcium which enables the release of ATP65. Release of ATP can lead to activation of several 

autocrine and paracrine signaling pathways65. Depending on the nature of the mechanical signals 

(e.g., loading, unloading, voltage changes), the tenocytes can secrete either more collagen I or 

matrix metalloproteinases (MMPs) that degrade collagen I65. This process is very similar to the 

adaptive response of bone described by Wolff’s law. In aging, tenocytes are fewer, leading to less 

collagen I production and increased degradation of old collagen by MMPs, resulting in an overall 

decrease in collagen turnover47. These changes in tenocytes can also lead to protein and ECM 

changes that must adapt to the aging environment. 
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Figure 3. Aging effects on MSC differentiation into tenocytes and tendon signaling. MSCs are signaled by BMP-12 and other 

signaling molecules to make scleraxis (SCX), which translocates to the nucleus and promotes differentiation. With increased 

activity, various signaling events in the differentiated tenocyte promote increased expression of collagen I (Col I), while inactivity 

promotes increased matrix metalloproteinase (MMP) expression. In aging, it is unclear how differentiation is affected, yet the end 

result suggests a decreased number of differentiated tenocytes. Additionally, an aging lifestyle suggests an increase in inactivity 

and additional inflammatory pathways, inhibiting Col I expression and promoting further MMP expression (red arrows). Therefore, 

aged tendons may demonstrate decreased new collagen production and increased degradation of the collagen that is present. 
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1.3.2. Protein and Matrix Changes in Tendon 

 In addition to cellular changes, tendon undergoes changes to the ECM. Similar to bone, 

collagen content decreases with age in both human and animal model, but the type(s) of collagen 

affected remains unclear. Since tendon is composed primarily of collagen I (60-90%)68, the 

predominant hypothesis suggests that a decrease in collagen I dominates. Aging also reduces the 

amount of proteoglycans present in tendons. Because proteoglycans bind water within the tendon 

ECM, this proteoglycan loss may explain the reduced water content observed in aging tendons69. 

Similar to bone, tendon collagen has increased AGEs with aging, which promotes increased 

collagen crosslinking70,71. 

 
Figure 4. ECM changes between young and old (aged) tendon. In young tendon, collagen fibers (rainbow helices) have a limited 

number of crosslinks, typically with the terminus of one fiber linking to the mid-region of another. Young tendon also has a 

moderate amount of proteoglycans (Pros) that help sequester water and limited advanced glycation end products (AGEs) that 

promote crosslinking. In old tendon, Pros are greatly reduced, and AGEs are increased , leading to a less hydrated, more crosslinked 

ECM. The collagen itself may be replaced by other fiber types (i.e., elastin, orange helices). Interestingly, similar changes occur 

with aging in both bone and muscle ECM. 

These crosslink changes lead to increased size of collagen molecules, and thus increase tissue 

stiffness, and greater crosslinking results in slower degradation by MMPs47. Hypotheses suggest 

this may be a protective effect, since tenocytes can no longer produce new collagen as quickly47. 

Perhaps to compensate for these collagen changes, animal studies have demonstrated that certain 

tendons have increased elastin content, which could reduce the tendon stiffness69, although this 

claim is contentious (see discussion in section 3.3). In summary, these changes suggest that aging 
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tendon has larger collagen molecules and a less hydrated and more crosslinked ECM that may 

contain a higher contribution of elastin than ECM of younger tendons. Both the cellular and ECM 

components contribute to the overall geometry of tendon and dictate its functional response, which 

becomes negatively altered with aging. 

1.3.3. Tendon Geometry and Functional Changes 

 Tendon geometry is highly dependent on the orientation of the collagen fibers that make up 

the majority of the tendon. Tendon collagen organizes in a hierarchical nature, resulting in a cross-

sectional area (CSA) made up of numerous collagen fibrils72. Collagen arranges in a parallel 

longitudinal fashion, and thus its mechanical properties are much greater in the longitudinal 

direction than transversely. As with bone, the material properties of the tendon can be determined 

from a stress-strain curve based on a tensile test with monotonically increasing load until failure. 

The regions of the stress-strain curve can be divided into three parts: the toe region, the elastic 

(linear) region, and the plastic (nonlinear) region. In the toe region, the stress increases slowly with 

increasing strain, because the collagen fibrils are not taut but have a crimping pattern that must be 

straightened out before the overall structure can bear increasing loads72. In the elastic region, the 

crimping is extended and the collagen fibrils have aligned, and the stress increases linearly with 

strain, allowing measurement of the elastic modulus72. Stretching a tendon to the elastic region is 

reversible, although repeated loading can lead to fatigue effects in which the strain is reduced over 

time. In the plastic region after the yield point, the stress levels off and then decreases with 

increasing strain, as the tendon incurs irreversible damage, leading up to a complete rupture or 

break at failure72. 
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Figure 5. Tensile and viscoelastic properties of tendon. A) Tensile properties of tendon demonstrated in a nonlinear stress-strain 

curve, with an initial toe region where the collagen crimping straightens out, then the linear region where the elastic modulus is 

measured before the yield point (red dot), and finally the inelastic region where the tendon undergoes post-yield strain and 

ultimately failure. Typically, failure occurs between 5 and 10% strain, with maximum stresses between 60 and 120 MPa. B) Creep 

behavior. If held at a constant stress, the tendon will elongate to the equilibrium strain value. C) Stress relaxation behavior. If held 

at a constant strain, the tendon will relax until the stress reaches an equilibrium value. D) Hysteresis behavior. During cyclic loading, 

the unloading trajectory will be lower than the loading trajectory, with the change in area beneath the two (blue shading) 

representing the mechanical energy dissipated between loading and unloading. Unfortunately, age-related changes are not well 

defined. It has been suggested that aged tendon may be have an increased modulus, take a longer amount of time to reach 

equilibrium in both creep and stress relaxation, and sweep larger hysteresis areas than young tendon, although the literature has not 

yet reached a consensus. 

 Tendon failure can be highly variable in age, either more ductile with substantial post-yield 

strain before rupture, or more brittle with failure occurring immediately after yield (similar to 

brittle bone). Tendon also demonstrates viscoelastic behavior, which means it experiences 1) creep 

(i.e., lengthening, or increasing strain, over time with a constant applied stress) and 2) stress 

relaxation (i.e., decreasing stress over time with a constant applied strain); and the response to 

loading is 3) rate-dependent (i.e., increasing modulus with increasing strain rate) and 4) history-



   

21 

 

dependent (i.e., energy dissipation occurs during a loading-unloading cycle, manifesting as 

hysteresis on the stress-strain curve) 72. These viscoelastic properties arise from the nature of the 

ECM, in particular the interaction between proteoglycans and bound water and are adversely 

affected by aging.  

 From a geometric perspective, aged tendon typically has an increased CSA due to the increased 

collagen crosslinking, while the overall length of the tendon remains relatively unchanged. 

However, the age-related changes in tendon mechanical properties remain unclear. Animal studies 

on tendons across several species have demonstrated that aged tendon has increased stiffness and 

modulus73, decreased stiffness and modulus74,75, or no change in stiffness and modulus76,77. These 

discrepancies can arise due to the varied nature of tendon itself; tendon exists in a variety of sizes 

and locations and can function as energy-cycling springs (e.g., Achilles tendon)78, or as a positional 

lever to off-load joints (e.g., tendons of the fingers)79. Many of these studies also employ a variety 

of testing methods (see section 3.4), which muddles interpretation of the age-related changes. 

Careful consideration of animal species, age, and methodology must be made when determining 

age-related changes. In general, studies in animal models generally agree that the stiffness and 

modulus of tendon increase with age and then decrease with advanced age77,80. A recent study 

demonstrated that tendon of aged rats (~32 months, corresponding to approximately 70 years of 

age in humans) had increased stiffness and modulus compared to young rats81. Older aged rats 

(i.e., over 32 months) were not tested, although we could speculate that this increased age could 

result in a decreased stiffness compared to the 32-month-old rats. Similar discrepancies are seen 

across human studies, yet the general consensus suggests that tendon stiffness is decreased or does 

not change with aging82,83. However, human subjects experience a wider variation in confounding 

factors, such as genetics, physical activity, diet, and lifestyle, which contributes to more variability 
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in tissue properties and makes study results more incongruent. Numerous studies have investigated 

the viscoelastic properties with age. Hysteresis in both animal and human studies either showed 

no change, or an increase in energy dissipated75,84. Increased energy loss can negatively impact 

cyclic loading (i.e., those seen in walking), reducing the tendon’s ability to elastically return after 

being loaded. In animal studies, the stress-relaxation behavior decreases with age74, yet human 

studies did not demonstrate this change. Additionally, due to proteoglycan loss and increased 

AGEs, thereby reducing the water content, tendons may become more brittle with age, and exhibit 

decreased viscoelastic properties. In summary, aging can negatively impact the mechanical 

properties of the tendon, which can directly affect a person’s ability to walk. Measuring these 

changes has proven challenging, as discussed above, yet both animal and human studies have 

sought to optimize measurements to reach an agreement concerning these age-related changes. 

1.3.4. Measuring Tendon Metrics Across Scale and Species 

 Measuring tendon mechanics in vivo has proven difficult, yet recent technologies have made 

these measurements more manageable. In vivo studies generally use a motion capture setup to 

determine a joint moment based on muscle forces (i.e., a load). This load is determined using 

inverse dynamics and is paired with imaging techniques (e.g., ultrasound or x-ray) used to capture 

the tendon stretch. Ultrasound is more frequently used due to its real-time and high-frequency 

capabilities compared to other imaging modalities. While these techniques are typically 

noninvasive, they introduce several issues that may be avoided with other testing methods. First, 

using inverse dynamics to calculate muscle forces introduces uncertainty in the moment arms 

through which the tendon acts85. Additionally, the muscle forces that are generated may not be 

made by a single muscle or muscle group, with agonist/antagonist activation of other muscles 

impacting the calculated muscle force. Therefore, the force that a single tendon feels, versus what 
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is calculated, may not match. Secondly, in vivo testing methods do not allow tendons to be tested 

to failure, so critical components of the stress-strain relationship (e.g., late elastic region, yield, 

plastic region) may not be determined. Finally, using ultrasound (or any other imaging technique) 

may only capture a specific region of the tendon and not the entire tendon. Regions of tendon may 

stretch more or less than other regions, which may not be indicative of the entire stretch of the 

tendon86. In vitro experimentation using human samples or animals models can overcome many 

of these issues, but they also present issues of their own. 

 As with bone, many in vitro methods involve the dissection of a tendon from an animal or 

cadaver, or taking a tendon biopsy. Tendon mechanical properties are determined by placing the 

tissue into a load frame, and loads are then applied most commonly in tension. One primary issue 

with testing is gripping the tendon sufficiently so that it does not slip out of the grips and is not 

damaged by them, both of which could impact measurements of stress and strain87. Alternative 

gripping methods can alleviate some of these issues, such as leaving the bone-tendon interface 

intact during dissection and applying tension to the tendon, which then pulls on the bone instead 

of a clamp, simulating a more natural interaction88. Strain gauges can also be placed along the 

tendon to determine region-specific stresses on the tendon, which may avoid problems with 

slippage89, although this would likely only enable measurements at lower loads in the elastic 

region. Measurements at the collagen fibril level can be performed using atomic force microscopy, 

although these techniques are in their nascent stages90. Finally, in vitro experiments can determine 

cell-level changes through methods as those described in section 2.4. Briefly, tenocytes can be 

cultured to determine signaling proteins, structural content/organization, genetic content, or 

cellular morphology. While in vitro experiments have been used for decades, many of the in vivo 
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methods have been developed quite recently, yet taken together, help inform how tendon changes 

with age.  

1.3.5. Tendon Summary 

 Tendon plays an important role by transmitting loads from muscle to bone, as well as aiding 

muscle by storing and returning energy during movement. Tendon’s ability to cycle energy make 

it critical when performing locomotor tasks, and similar to bone, altering loading conditions 

induces adaptations in tendon composition. Tendon remodeling is driven by the tendon-specific 

fibroblast, the tenocyte. Tenocytes sense changing load through mechanotransduction, where 

either more collagen I can be produced or MMPs secreted to degrade collagen I. In aging, many 

of the processes involved with remodeling tendon are negatively altered, leading to a decrease in 

collagen I turnover. Changes in the structural content of tendon can directly impact its function. 

Depending on several factors, including CSA, collagen crosslinking and AGEs, the tensile and 

viscoelastic properties can be described. Aging induces changes in tendon structural properties, 

such as increasing CSA, yet many mechanical responses remain unclear. A variety of testing 

methods both in vivo and in vitro exist to determine these mechanical changes across species. 

Therefore, developing experiments to determine these mechanical changes should carefully 

consider the animal, sex, tendon type, and testing method to better reach a consensus. While the 

structural changes of tendon with age are clearly defined, their impact on functional changes is 

not. This discrepancy continues with muscle, and suggests a need for further investigation. 

1.4. Skeletal Muscle 

1.4.1. Skeletal Muscle Cell Differentiation, Communication, and Mechanotransduction 

Skeletal muscle, the most common muscle type in the body, plays an important role in the body 

by generating the force necessary to produce movement of the skeletal system. This ability to 
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generate force highlights an important characteristic: skeletal muscle has both passive and active 

components. For the purposes of this review, the passive properties will be summarized. The 

primary cell type, the muscle fiber, is a long, cylindrical cell comprised of filamentous proteins, 

actin, myosin, and titin, as well as cellular organelles common to other cell types. The pulling 

interaction of actin and myosin provides the active force necessary to produce movement, while 

titin provides a passive resistance to return actin and myosin to their initial positions91. Muscle 

fibers arise from a mesenchymal lineage, with skeletal muscle-specific stem cells referred to as 

satellite cells92. Similar to both bone and tendon, aging reduces the number of these satellite cells, 

as well as their ability to repair and build muscle fibers.  

 Satellite cells are located between the muscle fiber sarcolemma and the surrounding ECM, 

termed the basal lamina. In normal skeletal muscle, satellite cells remain quiescent and are 

characterized by the expression of the protein paired box 7 (Pax7)93. Once stimulated (either by 

damage or signaling factors), satellite cells express regulatory proteins myogenic factor 5 (Myf5) 

and myoblast determination protein (MyoD), which cause rapid division and differentiation of 

other satellite cells. Once divided, satellite cells either self-renew (divide with one returning to a 

quiescent state) or differentiate into myoblasts and begin to downregulate Pax7 expression and 

instead upregulate skeletal muscle proteins such as myogenin and myogenic regulatory factor 4 

(MRF4)93. Once a sufficient amount of myoblasts are present, the myoblasts begin to fuse together 

to form new muscle fibers. In aging, activation of satellite cells (i.e., the internal signaling cascade 

initiated by damage or growth factors) takes a longer amount of time94. Additionally, aged satellite 
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cells demonstrate a decreased ability to self-renew, leading to an exhausted pool of satellite cells94. 

 

Figure 6. Satellite cell differentiation and propagation in development/injury. Satellite cells secrete Pax7 while in the quiescent 

state. In either development or injury, satellite cells are activated and begin expressing Myf5 and MyoD, beginning a rapid 

proliferation process. Additionally, Pax7 is downregulated during this time. Satellite cells then fuse and mature to create or repair 

new muscle. Some satellite cells will remain quiescent during proliferation, demonstrating their ability to self-renew. In aging, 

these process take a longer amount time, while satellite cells gradually lose their ability to self-renew. Unable to replace muscle 

fibers, muscle often uses fibrotic or connective fibers instead in repair.  

The underlying cause of this reduced self-renewal is currently under investigation, with a variety 

of responsible signaling cascades hypothesized, including IL-6, JAK/STAT, and p38/MAPK95. 

The reduced number of satellite cells caused by impaired self-renewal, coupled with the reduced 

function of the satellite cells, lead to a reduced ability to repair and regenerate new muscle fibers 

in aged tissue. While satellite cells are primarily responsible for replacing damaged tissue, other 

signaling pathways present in mature skeletal muscle are also adversely affected by aging. 
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Figure 7. Muscle hypertrophy pathways, atrophy pathways, and the effects of aging. In muscle hypertrophy, IGF-1 binds to 

its receptor, leading to the phosphorylation of IRS1, subsequently leading to the activation of PI3K and Akt, ultimately resulting 

in increased protein synthesis. Alternatively, muscle atrophy begins with signaling from pro-inflammatory molecules, leading to 

subsequent signaling cascades that result in the activation of E3 ligases, which lead to protein degradation. In aging, hypertrophy 

pathways are often inhibited, while atrophy pathways are upregulated, leading to an overall decrease in muscle mass. 

 

The ability of mature skeletal muscle to grow in size (i.e., hypertrophy), involves an increase in 

protein synthesis and a decrease in protein degradation. The most studied hypertrophic signaling 

pathway is the IGF-1 signaling pathway. Similar to bone, under increased activity (either loading 

or increased activation), IGF-1 binds to its associated receptor IGF-1R, and causes the 

phosphorylation of insulin receptor substrate 1 (IRS1) on the intracellular surface of the muscle 
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fiber cell membrane96,97. IRS1 subsequently activates the phospho-inositol-3 kinase (PI3K), which 

through a few intermediates leads to the activation of protein kinase B (Akt), a potent secondary 

enzyme that has numerous downstream targets97,98. Typically, activation of Akt leads to the protein 

synthesis and an increase in size of the muscle. In aging, however, both intra- and extracelluar 

IGF-1 is reduced, leading to a decrease in new protein synthesis within the muscle99. IGF-1 may 

be secreted by the muscle, or by other tissues that then signal the muscle through the blood stream; 

however, whether autocrine (secreted from the same tissue) or paracrine/endocrine (from 

neighboring tissue) IGF-1 contributes more to hypertrophy is poorly understood100. Understanding 

how IGF-1 expression changes with aging may reveal new targets for intervention. While 

hypertrophy is associated with protein synthesis, muscle atrophy is associated with protein 

degradation and is also more pronounced with aging. 

 Muscle atrophy is characterized by an increase in protein degradation initiated by an increase 

in inflammatory signaling factors and glucocorticoids. While numerous atrophy signaling 

pathways exist, two of the most investigated include the NF-κB and p38/Mitogen-activated protein 

kinase (MAPK) pathways101. Both signaling pathways are initiated by inflammatory signaling 

factors, such as tumor necrosis factor alpha (TNF-α) or interleukin 1 (IL-1), leading to activation 

and expression of ubiquitin ligases101. E3 ligases mediate the sarcomere breakdown by promoting 

degradation of myosin heavy chain. Additionally, these E3 ligases inhibit protein synthesis, 

making additional myosin production difficult101. In aging, muscle atrophy (sarcopenia) is 

common, and likely results from several factors, including inactivity, poor nutrition, and co-

morbidities such as arthritis and osteopenia102,103. These lifestyle changes can lead to increased 

inflammatory responses, promoting these atrophy pathways102. In summary, muscle changes with 

aging are multi-faceted: satellite cells responsible for creating new muscle fibers are worn down, 
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muscle hypertrophy pathways are under-expressed, and muscle atrophy pathways are over-

expressed. These changes all lead to protein changes within the muscle fiber, as well as in the 

ECM, that directly affect the passive properties of the whole muscle. 

1.4.2. Protein and Matrix Changes in Muscle 

 Similar to both bone and tendon, skeletal muscle demonstrates altered collagen expression with 

aging. However, studies have demonstrated the difficulty in determining the type of collagen 

present. Skeletal muscle has 28 subtypes of collagen, with types I, III, IV, and VI being the most 

studied104. Different isoforms of collagen have different strengths and lengths and may contribute 

to the functional decline in mechanical properties associated with aging (see section 4.3)104. For 

instance, animal studies have demonstrated an increase in the amount of collagen type I, but a 

decrease in collagen type III, with aging105. Additionally, the ECM was thicker, with an increased 

expression of collagen type IV106. In general, however, measurement of collagen mRNA 

expression has been in contention. Numerous animal studies demonstrate that collagen expression 

is decreased with age in rats107,108, but in human studies, collagen synthesis tends to be increased109. 

This discrepancy may be explained by the differences between species, in that humans may 

experience other conditions or have confounding factors not seen in highly controlled laboratory 

animals. Furthermore, the collagen present in muscle may have increased crosslinking, as 

demonstrated in previous tissues, due to a decreased ability to renew collagen, leading to overall 

increased stiffness. Finally, as atrophy pathways become more active, space left open by 

myosin/muscle fiber degradation can be filled with new collagen instead of new muscle, leading 

to a larger ECM110. As the ECM becomes larger and satellite cells become worn out, altered 

signaling can lead to further activation of atrophic pathways and producing a positive feedback 

cycle that induces further collagen deposition. 



   

30 

 

 Other ECM components that may change include the amount of fat infiltration and other elastic 

fibers. Fat infiltration, or myosteatosis, can occur in response to inflammatory signals, although its 

exact role in muscle aging is poorly understood104. The predominant hypothesis suggests that to 

promote inflammatory signaling, adipocytes invade and release additional inflammatory 

signals111. Elderly individuals have increased myosteatosis, yet it can be reversed with training 

exercises112. The effect of myosteatosis on the mechanical properties of skeletal muscle has not 

been investigated104, and few studies have investigated changes in other ECM components, such 

as elastin or fibrinogen, with aging. In animal studies, elastin expression increased with age113. 

However, elastin promotes compliance in tissues and may provide a protective effect due to the 

increasing stiffness attributed to increased collagen production, although this point is in contention 

due to the low number of studies available. 

1.4.3. Muscle Geometry and Passive Functional Changes 

 On the tissue level, skeletal muscle mass declines with age104, and this sarcopenia is attributed 

to the decreased number and size of muscle fibers available. Specifically, type II fibers (i.e., fast 

fibers) degrade more quickly than type I fibers (i.e., slow fibers)114,115. Studies also suggest that 

the type II fibers that are present are reduced in size with aging, while the type I fibers remain 

relatively unchanged116,117. As the tissue loses fibers, the lengths of the muscle fascicles tend to 

shorten, and the pennation angle of the fibers begin to decrease118. Taken together, these results 

suggest that the muscle physiological cross sectional area (PCSA) decreases with age, which will 

reduce the amount of active force the muscle can produce91. In addition to the decreased CSA, the 

aged muscles have less contractile tissue, replaced with more ECM or fatty tissue110. While the 

fiber loss can be more attributed to active force production, the changes in the ECM (and to a lesser 

extent, titin) can affect the passive properties of the tissue. 
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 Both the material and viscoelastic properties of aged skeletal muscle are rarely reported in the 

literature. However, these properties in normal tissue have been well established. The material 

properties of skeletal muscle, like bone and tendon, are described by the stress-strain relationship 

as the muscle is pulled to longer lengths, which is the passive behavior of the tissue. Since muscle 

has both active (with muscle electrically stimulated) and passive components, a single passive 

curve does not fully describe the tissue mechanics. Testing for muscle typically includes 

measurements when the muscle is electrically stimulated, and the resulting plots of interest are 

length-tension (i.e., force-length) curves for the active component, passive component, and the 

total91. The length of the muscle just before it starts to develop force when it is stretched is referred 

to as its optimal length or resting length (l0). For the passive stress-strain relationship, as the muscle 

is stretched, force increases exponentially (Figure 8). As the muscle is elongated to strains greater 

than 40%, the muscle reaches its yield point and demonstrates very little post-yield deformation 

thereafter119. Muscle elastic modulus is the slope of the linear region of the stress-strain curve (and 

stiffness is the slope of the linear region of the length-tension curve). In the sparse literature that 

does exist, animal studies suggest that muscle stiffness increases with aging120,121, while human 

studies suggest that muscle stiffness decreases with aging. This discrepancy, which may arise from 

the different testing methods used in each experiment (see Section 4.4), should be investigated 

with further studies.  
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Figure 8. Passive tensile properties of skeletal muscle and potential effects of aging. Muscle loads increase exponentially when 

stretched, with very little post-yield behavior. Compared to bone and tendon, muscle can reach much higher strains, yet the stresses 

reached are similar (100-150 MPa). However, skeletal muscle rarely reaches these strains in vivo due to several, including the range 

of motion of the muscle, resistive proteins, and even stretch reflexes. In aging (dotted lines), the changes are unclear. Some literature 

suggests that the muscle becomes stiffer, while others suggest that muscle becomes more complaint. These discrepancies carry 

over to the viscoelastic properties, as well, and may arise from the different muscles, animal models, and testing methods used in 

experimentation.  

  

 The viscoelastic properties of normal skeletal muscle are also well defined. Muscle can be 

subjected to stress-relaxation tests, where the muscle is held at a constant stretched length, and the 

force that is produced decreases with time13,122. Alternatively, the muscle also demonstrates creep 

characteristics, where if the muscle is held at a constant tension (i.e., load), the length of the muscle 

will increase over time until an equilibrium value is reached13,122. Finally, if the muscle is 

repeatedly stretched, each resulting passive curve will be different, but if the muscle is allowed a 

period of rest, the original passive curve can be restored13,122. Very few studies have reported the 

viscoelastic properties of aged muscle. A study investigating the viscoelastic properties of muscle-
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tendon units (MTUs) in the lower leg of aging women demonstrated that an increase in absorbed 

passive elastic energy was present in aged MTUs123, suggesting that aging may increase the 

viscoelastic properties of the aged MTU, with longer periods of time needed for the muscle to 

reach equilibrium123. These changes were thought to have arisen from increases in the collagen 

content of the ECM123. In summary, we have insufficient data from existing studies in the literature 

to make definitive conclusions about the mechanical properties of aged tissue, again highlighting 

the need for further studies. 

1.4.4. Measuring Passive Muscle Metrics Across Scale and Species 

 As with bone and tendon, the mechanical properties of skeletal muscle can be determined both 

in vivo and in vitro. In vivo studies of skeletal muscle are quite similar to those performed on 

tendon. Muscle force and length changes are calculated from measured reaction forces and 

kinematic data across a muscle and joint. Unfortunately, most joints are highly complex, with 

multiple crossing muscles and complex ranges of motion. Additionally, anthropometric data (i.e., 

muscle origin and insertion) are often required to determine force-length relationships. During 

testing, a limb is constrained to allow only motion of the joint of interest124. Resistance to the 

motion is measured by either a force plate, dynamometer, or torque sensor at the joint124,125. The 

length changes can be calculated using anthropometric data and the movement about the joint. 

Fascicle length changes can be determined using ultrasound, as described previously, and can also 

help determine the viscoelastic properties, as the speed of the sound waves can be used to derive 

the tissue shear properties126. Additionally, pennation angle can also be determined through the 

use of ultrasound127. Altering the loading in a time-dependent manner can also be used to determine 

viscoelastic properties127. Finally, electromyography can be used to determine the activation level 

(based on electric impulses detected) of the muscle of interest. Unfortunately, as with tendon, the 
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size, number, and complexity of muscles surrounding a joint may cause difficulty when 

determining exact muscle properties for a single muscle or muscle group, often requiring 

assumptions or estimation strategies. Furthermore, while these experiments can be performed on 

animals, it often much easier and common to perform them in human studies. 

 Uniaxial tensile testing of a whole muscle is the most basic and common method for estimating 

the material properties of muscle. Similar to tendon, opposite ends of the muscle are fixed to load 

frame using clamps. One end is fixed, and the other is elongated in one direction to produce passive 

length-tension curves. The active curves are produced by applying a fixed elongation, activating 

the muscle with an applied voltage, and then measuring the resulting force produced. In many 

cases, the length changes are normalized to the initial or resting length, and the force is normalized 

to the PCSA or the maximum force of the muscle119. In smaller animal models, such as the mouse, 

entire muscle may be dissected out and attached to the MTS device with sutures at either end. 

Larger animal models may use complex dissection methods with a bone still intact to obtain more 

realistic loading conditions128. Viscoelastic properties can also be determined on an isolated 

muscle by varying the loading or strain rate. For stress relaxation, several strain values are used, 

where the muscle is elongated to some strain and held there, while the force production is 

monitored. For creep, several loading values are chosen, and strain is measured over time.  

1.4.5. Muscle Summary 

 Skeletal muscle plays an important role in the body by generating the forces that enable skeletal 

movement. Skeletal muscle is a unique tissue, because it has both active components (responsible 

for generating forces during contraction) and passive components (responsible for returning 

muscle to original lengths and protecting against damage). Similar to tendon and bone, the amount 

these components are utilized controls the amount of repair/remodeling that occurs in the tissue. 
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Skeletal muscle repair is driven by the muscle-specific stem cell, the satellite cell. Satellite cells 

sense inflammatory signals and help remove and replace damaged muscle. In aging, many of the 

processes involved with repairing muscle are negatively altered, leading to decrease satellite cell 

activation, new muscle cell synthesis, and increased fibrosis infiltration. Additionally, to remodel 

muscle, hypertrophy and atrophy signaling pathways are more activated with aging, demonstrating 

increased atrophy and decreased hypertrophy. Changes in the structural content of muscle can 

directly impact its function. Depending on several factors, including PCSA, collagen crosslinking, 

and fibrosis/fat deposition, the tensile and viscoelastic properties can be described. Aging will alter 

structural properties, such as decreasing the PCSA, yet changes in mechanical responses remain 

unclear. A variety of testing methods both in vivo and in vitro exist to determine these mechanical 

changes across species, but experimental variations across studies contribute to the insufficient 

understanding about age-related changes in muscle. As with tendon, developing experiments to 

determine these mechanical changes should carefully consider the animal, sex, muscle, and testing 

method to reach an agreement. In summary, both the structural and functional aspects of muscle 

are generally well understood individually, but how one informs the other is not. Furthermore, 

changes with aging also remain unclear. Bone, tendon, and muscle also interact extensively in vivo 

due to their close proximity, both from mechanical interactions and paracrine effects among the 

tissues. Therefore, understanding crosstalk between these tissues may enhance our understanding 

of their structural and functional properties, both in health and in aging, and may reveal new targets 

for intervention. 

1.5. Summary, Conclusions, and Experimental Directions 

 Collectively, bone, tendon, and muscle are critical for enabling movement and performing 

daily tasks. During these tasks, loads are generated and placed on these tissues, and altered loading 
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conditions will induce adaptational responses in the various tissues. At the cellular level, this 

process is referred to as mechanotransduction and dictates how the cells react to different loading 

conditions. These mechanotransduction pathways rely on tightly controlled signaling pathways 

and can often lead to increased or decreased synthesis of proteins necessary in tissue remodeling. 

In aging, these processes are often adversely affected, as cells have a decreased ability to 

proliferate/self-renew, expression of signaling factors is altered, and the function of expressed 

proteins is reduced. However, while these signaling pathways are fairly well established in each 

tissue individually, how neighboring tissues can influence these pathways is an emerging area of 

interest. For instance, in both bone and muscle, IGF-1 plays a critical role in the remodeling 

process. IGF-1 can be secreted by muscle to affect itself (via autocrine signaling), can be secreted 

out to neighboring tissues (via paracrine signaling), or secreted into the bloodstream to affect 

distant tissues (via endocrine signaling)129,130. Due to the close proximity of muscle and bone, IGF-

1 secreted by muscle could have an additive effect on the autocrine signaling of IGF-1 within bone. 

Similarly, bone may send IGF-1 to muscle to augment signaling129,130. IGF-1 is merely one 

example, as numerous studies have attempted to elucidate signaling effects between muscle and 

bone, demonstrating that numerous factors from both tissues can affect the other, such as 

inflammatory markers (e.g., TNF-α, IL-6), proliferation markers (e.g., myostatin), and markers of 

protein synthesis (e.g., prostaglandin, osteocalcin)131-133. While these pathways have been 

implicated in the crosstalk between muscle and bone, few studies have investigated which 

pathways are influenced by aging. The studies presented herein highlight a novel approach using 

co-culture strategies to monitor and evaluate these pathways in young and aged rat cells. 

Furthermore, studies using parabiosis approaches have demonstrated that a shared vasculature with 

a young animal can mitigate known age-related detriments in an aged animal134, supporting the 
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notion that circulating factors exist that impact aging. Use of these co-culture techniques could 

provide information as to which signaling factors are more important to reduce the degenerative 

processes of aging. Unfortunately, which signaling factors contribute most to the gross tissue and 

protein changes with aging is unclear; ultimately, these changes lead to increased loss of bone 

mass (osteopenia/osteoporosis) and skeletal muscle mass (sarcopenia).   

 In general, tissue can be described by its structure-function relationships. “Structure” here 

refers to the underlying organization of proteins, cells, and ECM, driven by signaling pathways. 

Tissue structure directly impacts its “function,” or the tensile (e.g., modulus from stress-strain 

curve) and viscoelastic (e.g., stress relaxation, creep) properties. In some tissues, these 

relationships are well established; for instance, in bone the osteoblasts and osteoclasts responsible 

for maintaining bone matrix can directly influence the bone mass, microstructure, and material 

properties, which subsequently affect the whole bone stiffness and strength. Unfortunately, in 

tissues such as tendon and skeletal muscle, the structure-function relationships remain poorly 

defined. In muscle, active and passive components make identifying which structural components 

influence specific functional aspects difficult. For instance, passive stretching studies may induce 

a stretch reflex, where the muscle sends its own action potential, causing the muscle to actively 

contract. Blocking action potential propagation with drug intervention (i.e., botox, curare) can 

mitigate these effects135,136 and allow investigators to determine passive properties, which are 

currently helping to define these structure-function relationships. Yet, how these structure-function 

relationships may be altered in clinical conditions still requires research. With aging, the processes 

in bone are more well defined; bone generally loses BMD and bone volume, becomes more brittle, 

and has increased tissue stiffness, and these changes tend to occur similarly across species. 

However, skeletal muscle relationships are less well defined. Both increased and decreased 
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stiffness (as a functional measure) have been reported in skeletal muscle across species, 

discrepancies that may arise due to differing testing methods, animal species, or the muscle type 

under investigation. These issues persist in tendon studies, yet the literature leans towards a 

decreasing stiffness with age. Together, a MTU is the primary unit responsible for movement. 

Studies from our lab have demonstrated that altered stiffness of both muscle and tendon can 

negatively impact the efficiency of the MTU. As aging alters the MTU stiffness, these negative 

effects would likely manifest in an aged MTU. The functional studies presented herein will seek 

to determine the stiffness changes of a single MTU in the hindlimb of young and aged rats. We 

plan to use a hopping model from previous experiments to demonstrate gait-like patterns not 

realized by other studies137. Determining these stiffness changes in aged animals and how that 

impacts MTU function may inform new methods for ameliorating age-related declines. 

 Aging induces numerous changes from the cellular level to the tissue level, which manifest as 

functional changes at the musculoskeletal system level. Unfortunately many of these changes are 

not well defined. Using structure-function relationships can help bridge the gap between cellular 

and whole tissue changes. At the structural level, cellular changes induced by signaling are well 

defined in bone, yet are more unclear in muscle. Additionally, how one tissue may inform the other 

is also unclear. At the functional level, both muscle and bone in age undergo a decrease in mass, 

resulting in a decreased ability of muscle to generate force, and decreased ability of bone to 

withstand those forces. In aging bone, the tissue stiffness typically increases as a result of changes 

in collagen turnover and crosslinking, and the structure-function relationships in bone are fairly 

well defined with aging. However, in skeletal muscle and tendon, the stiffness changes are not 

well defined. Furthermore, what cellular changes more directly influence the stiffness changes are 
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not well defined. The experiments herein attempt to discover these relationships and hope to reveal 

new targets at either the structural or functional level to mitigate the effects of aging.  
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CHAPTER 2: Modeling Structural Changes of the Aging Muscle-Tendon Unit During 

Resonance 

2.1. Abstract 

 Understanding and beneficially altering the structural changes that occur within a muscle-

tendon unit (MTU) as individuals age could lead to less trips and falls. Here, we utilize a previously 

established simplied Hill-type model of the human triceps surae-Achilles tendon complex working 

on a gravitational inertial load during cyclic contractions. Our goal was to determine how stiffness 

changes of the muscle, or contractile element (CE), and tendon, or series elastic element (SEE), 

alter the mechanics and energetics within a MTU. We constructed a 2D parameter space consisting 

of a variety of combinations of SEE and passive elastic element (PEE) stiffness. We compared the 

performance of each combination by evaluating peak force, average positive mechanical power of 

the MTU and components, the operating point of the force-length (F-L) and –velocity (F-V) of the 

CE during active force production, average metabolic rate of the CE, and the apparent efficiency 

of the MTU and CE. Our results suggest that tendon stiffness play a larger role than muscle 

stiffness in governing MTU behavior. Increased tendon stiffness lead to greater shifts in operating 

F-L and F-V curves, as well as increased the amount of passive force generated by the CE. In 

aging, increased tendon stiffness may result in similar responses in humans. Future work should 

seek to target tendon stiffness to reduce age-related injury. 

2.2. Introduction 

 In human locomotion, the primary structure providing the forces required for movement is the 

muscle-tendon unit (MTU). The MTU contains a muscle and tendon in series, where the role of 

tendon as an elastic tissue has proven to be important for elastic energy storage and return.1,2 The 

structure of both the muscle and tendon (e.g. pennation angle, physiological cross sectional area-
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PCSA, collagen composition, etc.) directly influences the function (e.g. force, energy cycling, etc.) 

of the MTU.3 While there is a very good understanding of the structure or function of MTUs4, 

relatively little is known about how muscle or tendon structure orchestrates MTU function. 

 Different clinical populations demonstrate different structural relationships that can negatively 

influence MTU function. For instance, aging populations demonstrate an increase of the metabolic 

cost of locomotion5 and decrease in the overall efficiency6 yet the underlying causes of these 

changes remain poorly understood. In young individuals, the tendon serves to cycle energy, 

reducing metabolic cost; therefore age related structural changes to tendon may account for 

metabolic and efficiency changes in older individuals. Changes in collagen content of tendons in 

older individuals typically contribute to the development of more compliant tendons, leading to 

less efficient gait.7-9 However, the mechanism by which performance is altered is not known. 

Additionally, aging changes the structure of muscle. For example, aged muscles often exhibit 

reductions in PCSA10, maximum force11, proportion of fast-twitch fibers12,13, as well as an increase 

in passive stiffness.14 Lack of usage may result in many of these changes, as well as changes to 

microstructure. In regards to passive stiffness, myosatellite cells, responsible for repairing and 

producing new muscle, can no longer function, and muscle is instead replaced by fibrotic 

tissue.15,16 Increased fibrosis can lead to an increase of passive stiffness, but the effect of passive 

stiffness during functional movements has not been investigated. While aging is merely one 

example, other clinical conditions can demonstrate similar muscle-tendon stiffness changes, 

highlighting the need to understand the stiffness properties (i.e. structure) and the downstream 

functional changes that may occur. 

 Ideally, an MTU will exhibit the capacity for high forces and energy cycling in the tendon, 

thereby reducing muscle length changes and thus metabolically expensive muscle work.17,18 This 
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ideal behavior can be realized when the stiffnesses of the muscle and tendon are appropriately 

‘tuned’.17 MTUs, when treated like a mechanical system, exhibit oscillatory behavior during 

locomotion.19 This oscillatory behavior can be described by the natural frequency, where, when 

stimulated at the natural frequency, the MTU reaches a ‘tuned’ state.20 The natural frequency of 

any system is determined by the mass of the system and the stiffness of the system; therefore, in 

the case of MTUs, changing the stiffness can alter the natural frequency. However, while the 

natural frequency may change, the stimulation frequency may not match this new natural 

frequency leading to a de-tuned MTU. Therefore, understanding stiffness changes and the effect 

on natural frequency and MTU performance should be investigated.  

 While highly relevant to MTU performance, evaluating muscle and tendon stiffness in humans 

is difficult. Ultrasound imaging provides indirect insight into muscle and tendon stiffnesses7,21, 

however, physically isolating MTUs in vivo(?) has been difficult. Reliance on animal models have 

been unable to reach a consensus on stiffness changes due to age: muscle stiffness remained 

unchanged22, or demonstrated a stiffer muscle23, while tendon stiffness was unchanged.24 

Unfortunately, without an agreement between studies, it is difficult to determine what changes 

may occur in human MTUs. Additionally, changes in stiffness that do occur has no good guidance 

on correcting or improving the structure-function relationship. Therefore, computational models 

could have a role in identifying these structure-function relationships. 

 Our previous studies using computational models have demonstrated the importance of neural 

activation on regulating MTU function.20 However, we have not yet explored the effects of 

structural changes within the MTU. In this study, we have modified our existing model to 

investigate the effects of stiffness changes of the passive properties of muscle (parallel elastic 

element- PEE) and tendon (series elastic element- SEE) on MTU mechanical performance. We 
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hypothesized that changing stiffness of the SEE or PEE away from a “normal” state (taken from 

the literature, see below) would: (1) reduce MTU force, (2) increase positive power performed by 

the muscle (contractile element- CE), and thus (3) decrease apparent MTU efficiency. We started 

our investigation by finding the natural frequency (ω0) of the passive mechanical system under a 

load of the body with no CE activation. We then proceeded to determine dynamic properties of 

the system by adding CE activation to the system based on natural frequency of the “normal” case.  

2.3. Methods 

2.3.1. Previous Model Development 

To investigate the effect that SEE and PEE stiffness has on the mechanics and energetics of 

gait, we modified our existing model of a cyclically stimulated MTU.20 Briefly, the model included 

a mass-less hill-type model and PEE, in series with a non-linear SEE, operating with a fixed 

mechanical advantage on a point mass experiencing gravitational forces. The triceps-surae muscle 

group was lumped into a single non-pennate monoarticular muscle with no antagonistic muscles 

present. Additionally, the mass was modeled as half body mass to approximate loads during two 

leg hopping, and no assumptions were made regarding the flight phase (Figure 1A). Initial model 

parameters and equations are shown in tables 1 and 2, respectively.  
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Figure 1. Physiological basis (A) for our model and force displacement curves for the PEE (B) and SEE (C). A lumped 

monoarticular triceps surae-Achilles tendon group interacts with a mass in gravity. System parameters and equations are shown in 

Tables 1 and 2. 

 

Stimulation was modeled as a square wave pulse with a duty of 10% relative to the cycle period 

Tstim (where Tstim=ωstim
-1, stimulation duty= 0.1 x Tstim). Stimulation was also subject to a first order 

excitation-activation coupling dynamics to generate the activation function a(t) to drive muscular 

contraction. Force generated by the muscle was modeled by: 

𝐹𝐶𝐸 = 𝐹𝑚𝑎𝑥 × 𝑎(𝑢(𝑡), 𝜏𝑎𝑐𝑡, 𝜏𝑑𝑒𝑎𝑐𝑡) × 𝐹𝑙 𝑎𝑐𝑡𝑖𝑣𝑒(𝑙𝑐𝑒, 𝑙0) × 𝐹𝑣(𝑣𝐶𝐸 , 𝑣𝑚𝑎𝑥) + 𝐹𝑙 𝑝𝑎𝑠𝑠𝑖𝑣𝑒(𝑙𝐶𝐸 , 𝑙0) 
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Where 𝐹𝐶𝐸  is total muscle force, 𝐹𝑚𝑎𝑥 was maximum active isometric muscle force, 

𝑎(𝑢(𝑡), 𝜏𝑎𝑐𝑡, 𝜏𝑑𝑒𝑎𝑐𝑡) was normalized activation in terms of stimulation (𝑢(𝑡)), muscle activation 

(𝜏𝑎𝑐𝑡) and deactivation (𝜏𝑑𝑒𝑎𝑐𝑡) time constants. Time constants were determined as described 

previously.20 𝐹𝑙 𝑎𝑐𝑡𝑖𝑣𝑒 and 𝐹𝑙 𝑝𝑎𝑠𝑠𝑖𝑣𝑒 were instantaneous normalized force-length trajectories as a 

function of muscle and optimal lengths (𝑙𝑐𝑒 , 𝑙0, respectively). 𝐹𝑣 was instantaneous normalized 

force-velocity trajectories in terms of muscle velocity and maximum shortening velocity 

(𝑣𝐶𝐸 , 𝑣𝑚𝑎𝑥, respectively).4,20 

Table 1. Parameter values used in model  

Parameter Value 

Muscle Parameters  

𝑭𝒎𝒂𝒙 7000 N 

𝒗𝒎𝒂𝒙 -0.45 m/s 

𝒍𝟎 0.055 m 

Tendon Parameters  

𝒍𝒔𝒍𝒂𝒄𝒌 0.237 m 

𝒌𝒕 (initial) 180,000 N/m 

Activation Parameters  

𝝉𝒂𝒄𝒕 0.033 s 

𝝉𝒅𝒆𝒂𝒄𝒕 0.091 s 

Pulse duty 10.0 % 

Environment Parameters  

Gravity 9.8 m/s2 

EMA (
𝒍𝒊𝒏

𝒍𝒐𝒖𝒕
⁄ ) 

0.33 

Mass (Half body) 35 kg 

 

2.3.2. Current Model Implementation 

 The triceps-surae MTU was modeled for a range of stiffnesses in both SEE and PEE 

components about a “normal” human condition (discussed below). All simulations were run for 

15s with a fixed time step (𝑑𝑡=0.0005 s) and used the 4th order Runge-Kutta method to solve for 

system dynamics (MATLAB 2014b, MathWorks, Inc.) The final two cycles of stimulation were 

used in all analyses to ensure the system had reached a steady-state.  
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 The SEE in the model contained a non-linear “toe” region at operating lengths just above the 

slack length, after which the stiffness was approximated as linear. Forces were generated in the 

SEE by the following: 

𝐹𝑆𝐸𝐸 = {
0

𝑘𝑆𝐸𝐸(𝑘𝑡, 𝐹𝐶𝐸) × (𝑙𝑆𝐸𝐸 − 𝑙𝑠𝑙𝑎𝑐𝑘)

𝑙𝑆𝐸𝐸 ≤ 𝑙𝑠𝑙𝑎𝑐𝑘

𝑙𝑆𝐸𝐸 > 𝑙𝑠𝑙𝑎𝑐𝑘
 

Where 𝑘𝑆𝐸𝐸  was the stiffness function of the tendon (table 2), 𝑙𝑆𝐸𝐸 was the length of the SEE, and 

𝑙𝑠𝑙𝑎𝑐𝑘 was the slack length of the SEE. To vary the stiffness of the SEE, 𝑘𝑡 of the stiffness function 

(table 2) was changed to ±20% at 10% increments of the “normal” condition (Normal= 180,000 

N/m, range= 144,000 162,000 180,000 198,000 and 216,000 N/m). We believe these to be 

reasonable stiffness associated with other clinical conditions. The SEE stiffness functions for 

varying 𝑘𝑡 are shown in Figure 1B. 

 

Table 2. Equations and parameter values used in model implementation. 

Parameter Equation Values 

Muscle Force-Length   

𝑭𝒍 𝒂𝒄𝒕𝒊𝒗𝒆 𝒆−|((𝒍𝒎/𝒍𝟎)𝒃−𝟏)/𝒔|
𝒂

 b=0.8698,s=0.3914, 

a=3.1108 

𝑭𝒍 𝒑𝒂𝒔𝒔𝒊𝒗𝒆 `𝑨 × 𝒆(𝒃∗((𝒍𝒎/𝒍𝟎)−𝟏)) A=2.38 x 10-2, b=5.31 

(initial) 

Muscle Force-Velocity   

𝑭𝒗 when 𝒗𝒎 > 𝟎 (𝟏 − (𝒗𝑪𝑬/𝒗𝒎𝒂𝒙))/(𝟏 + (𝒗𝑪𝑬/(𝒌
× 𝒗𝒎𝒂𝒙))) 

k=0.17 

𝑭𝒗 when 𝒗𝒎 < 𝟎 𝟏. 𝟖 − 𝟎. 𝟖 × ((𝟏 + 𝒗𝑪𝑬/𝒗𝒎𝒂𝒙)/(𝟏
− 𝟕. 𝟓𝟔 × (𝒗𝒄𝒆/(𝒌
× 𝒗𝒎𝒂𝒙)))) 

k=0.17 

Tendon Stiffness   

𝒌𝑺𝑬𝑬 𝒌𝒕 × (𝟏 + (𝟎. 𝟗/−𝒆((𝑸×𝑭𝑪𝑬)/𝑭𝒎𝒂𝒙))) Q=20 

Activation Dynamics   

𝜶(𝒕) 
∫[(𝒖(𝒕)/𝝉𝒂𝒄𝒕) − (𝟏/𝝉𝒂𝒄𝒕) × (𝜷

+ (𝟏 − 𝜷)
× 𝒖(𝒕))]𝒅𝒕 

𝜷 = 𝝉𝒂𝒄𝒕/𝝉𝒅𝒆𝒂𝒄𝒕 
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 Similarly, the PEE was modeled as non-linear with slack length and relationships based on 

equations from Azizi et al.25 Passive forces were generated in the PEE by the following: 

𝐹𝑙 𝑝𝑎𝑠𝑠𝑖𝑣𝑒 = 𝐴 × 𝑒
(𝑏×((

𝑙𝑚
𝑙0

)−1))
 

Where 𝐹𝑙 𝑝𝑎𝑠𝑠𝑖𝑣𝑒 is the force generated by the PEE, 𝐴 and 𝑏 are constants, 𝑙𝑚 is the length of the 

muscle, and 𝑙0 is the optimal muscle length. To vary the stiffness of the PEE, the 𝑏 constant was 

changed to ±20% at 10% increments of the “normal” condition (Normal= 5.31, range= 4.248 4.779 

5.31 5.841 6.372). Varying the b constant ±20% is a reasonable approximation for passive forces 

demonstrated in muscles of clinical populations. The PEE force responses for varying b are shown 

in Figure 1.  

 By having a range of stiffnesses for both SEE and PEE, a 5 by 5 parameter space is generated. 

Each point of the space represented one condition from the model, at a specific SEE and PEE 

stiffness. For each condition, two simulations were performed: 1) a “passive pluck”, where the 

model contained no neural activation (i.e. ωstim=0) and instead oscillated against the mass to 

determine the natural frequency (discussed below), and 2) a dynamic contraction, were neural 

activation was supplied at a frequency equal to the natural frequency the normal case (𝑘𝑡=180,000 

N/m, b= 5.31, Tstim= ωstim
-1=(𝜔𝑠𝑡𝑖𝑚

𝑛𝑜𝑟𝑚)−1). 

 2.3.3. Model Analysis 

 The natural frequency of the system, ω0 was of fundamental interest in the study. ω0 was 

determined by finding the inverse of the period: 

𝜔0 = 𝑇0
−1 = (𝑥2 − 𝑥1)−1 

 

where 𝑇0 is the period, and 𝑥1,2 are the times (first and second, respectively) in which the model 

reaches peak forces during a passive pluck. ω0 was calculated for each condition.  
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 Operating length, operating velocity, average positive mechanical power, instantaneous 

metabolic power, average metabolic rate, and apparent efficiency were calculated the same as 

previously reported for each condition.20 For simplicity, relevant formulas for calculation are 

shown in table 3.  

Table 3. Metrics and Equations for model analyses 

Metric Equation 

Metabolic Rate  

𝒑(𝒗𝑪𝑬) for 𝒗𝑪𝑬 < 𝟎 𝟎. 𝟎𝟏 − 𝟎. 𝟏𝟏(𝒗𝑪𝑬/𝒗𝒎𝒂𝒙) + 𝟎. 𝟎𝟔𝒆(𝟐𝟑𝒗𝑪𝑬/𝒗𝒎𝒂𝒙) 

𝒑(𝒗𝑪𝑬) for 𝒗𝑪𝑬 > 𝟎 𝟎. 𝟐𝟑 − 𝟎. 𝟏𝟔𝒆(−𝟖𝒗𝑪𝑬/𝒗𝒎𝒂𝒙) 

Average Positive 

Mechanical Power 

(MTU, CE, or SEE) 

�̅�𝒎𝒆𝒄𝒉
+ = [∫ 𝑷𝒎𝒆𝒄𝒉

+ (𝒕)𝒅𝒕
𝑻𝒔𝒕𝒊𝒎

𝒕=𝟎

] × 𝝎𝒔𝒕𝒊𝒎

̅̅ ̅̅ ̅̅ ̅̅ ̅̅ ̅̅ ̅̅ ̅̅ ̅̅ ̅̅ ̅̅ ̅̅ ̅̅ ̅̅ ̅̅ ̅̅ ̅̅ ̅̅ ̅̅ ̅̅ ̅̅ ̅̅ ̅̅ ̅
 

Metabolic Power 𝑷𝒎𝒆𝒕(𝒕) = 𝒑(𝒗𝑪𝑬(𝒕)) × 𝜶(𝒕) × |𝑭𝒎𝒂𝒙 × 𝒗𝒎𝒂𝒙| 
Average Metabolic Rate* 

�̇̅�𝒎𝒆𝒕 = [∫ 𝑷𝒎𝒆𝒕(𝒕)𝒅𝒕
𝑻𝒔𝒕𝒊𝒎

𝒕=𝟎

] × (𝝎𝒔𝒕𝒊𝒎/𝑴) 

Apparent Efficiency 
�̅�𝒎𝒆𝒕 = (∫ 𝑷𝒎𝒆𝒄𝒉

+
𝑻𝒔𝒕𝒊𝒎

𝟎

(𝒕)𝒅𝒕) / (∫ 𝑷𝒎𝒆𝒕(𝒕)𝒅𝒕
𝑻𝒔𝒕𝒊𝒎

𝟎

) 

*M=body mass 

 

2.4. Results  

2.4.1. Passive Pluck  

 For all modeled conditions, stable cyclic contractions were observed in the simulation time 

allotted. All SEE-PEE stiffness combinations resulted in natural frequencies that differed from the 

normal condition (i.e., 2.0 Hz) (Fig. 2). For example, compared to normal, decreasing or increasing 

SEE and PEE stiffness by 20% changed the MTU natural frequency to 1.8 Hz or 2.2 Hz, 

respectively. Different combinations of SEE and PEE stiffness resulted in curved contours, with 

the bottom right corner of a stiff SEE and compliant PEE demonstrating a similar natural frequency 

to that of the normal condition. 



   

60 

 

 
Figure 2. Passive force response of representative simulations (A), and natural frequency contour (B). The normal case (A, 

blue) demonstrates a natural frequency of 2.0 Hz (or a period of approximately 0.5s). Other conditions demonstrated in (A) are the 

±20% combinations of SEE and PEE stiffness. Natural frequencies from all SEE-PEE stiffness combinations are demonstrated in 

the contour, with the normal condition at the center (B).Natural frequencies increase with increasing stiffness and decrease with 

decreasing stiffnesses  
 

2.4.2. Flight Phase and Dynamic Response 

 Results from the active (i.e. muscle stimulated) simulations are shown in figure 3. A flight 

phase was attained in all conditions, with shorter flight phases as KSEE decreased. The stiffest 

condition (i.e., +20% KSEE and KPEE) elicited the largest force response, but also increased 

passive force. Additionally, the time over which force developed increased in more compliant (i.e. 

-20% KSEE and KPEE relative to normal) cases. Changes in the force were more dependent on KSEE 

changes than KPEE changes. Length changes in the MTU, CE and SEE remained similar across 

simulations. Greater length changes of the MTU were seen in conditions where KSEE was 

increased. Velocity and overall power responses in the MTU, CE, and SEE were also similar across 

the parameter space. However, in conditions where the KSEE was increased, both velocities and 

power were increased. With regards to power, the CE also produced more power in stiffer 

conditions than complaint.   
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Figure 3. Periodic data for stiffness conditions of (A) Normal, (B) -20% KSEE and KPEE, (C) +20% KSEE and KPEE, (D) -20% 

KSEE and +20% KPEE, and (E) +20% KSEE and -20% KPEE. Each data set contains force dynamics (top), length change (first 

from top, ∆𝐿𝐶𝐸 =  𝑙𝐶𝐸 − 𝑙0
𝐶 , ∆𝐿𝑆𝐸𝐸 =  𝑙𝑆𝐸𝐸 − 𝑙0

𝐶 , ∆𝐿𝑀𝑇𝑈 =  𝑙𝑀𝑇𝑈 − 𝑙0
𝐶 , 𝑙0

𝐶 = length of component at start of cycle), velocity (second 

from top), and power (bottom). Each data set is plotted for a single period of stimulation relative to stimulation onset (0% of cycle).   

 

2.4.3. CE Operating Length and Velocity 

 CE operating length and velocity was more influenced by SEE stiffness than PEE stiffness (Fig 

4). Generally, increasing SEE stiffness increases the CE operating length, driving it towards longer 

lengths, while simultaneously increasing the range of the CE operating velocity. When KPEE is 

increased, KSEE effects are diminished and the CE operating length is driven closer to the optimum 

length, while the range in the operating velocity is reduced relative to the stiff case. More compliant 

KSEE cases demonstrate little change in either operating point or range in force-length, but 

operating ranges are reduced in force-velocity. Changes seen in both operating length and velocity 

are more dependent on SEE stiffness changes than PEE stiffness changes. 



   

62 

 

 

Figure 4. Normalized CE force-length (F-L, A) and –velocity (F-V, B) operating points for representative KSEE and KPEE. 

The range of F-L and F-V operating conditions occurring through active force production is indicated by colored bars, and the 

average operating point is marked on each bar. Passive curves for the different KPEE values are shown on the F-L curve. Note that 

KSEE and KPEE modulate the F-L operating point and F-V operating point and range in stiffer conditions. Complaint cases have a 

smaller effect on F-L operating point, but reduce the operating range in F-V.  

 

2.4.4. Mechanical Positive Power Production 

 Greatest average positive MTU power output was observed in the +15-20% range for both 

KSEE and KPEE (Fig 5A). CE average positive power was minimized when operating at KSEE less 

than 7% of normal and KPEE less than 3% of normal (Fig 5B). SEE average positive power was 

maximized at a KSEE range of -5-+15% and KPEE range of +11-20%. In general, increasing SEE 

and PEE stiffness served to increase SEE and MTU positive power, while having a minimal effect 

on the CE positive power. 
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Figure 5. Average positive power produced in the (A) MTU, (B) CE, and (C) SEE for all simulation stiffness sweeps 

(contours). In all cases, average positive power trends with increases in KSEE. CE remains relatively constant, while both MTU 

and SEE demonstrate larger changes overall. SEE also has a stronger dependence on KPEE contributions.  
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2.4.5. Metabolic Rate, MTU and CE Apparent efficiency 

 Average metabolic rate was equally dependent on KSEE and KPEE, indicated by the curved 

contours during very compliant or very stiff cases (Fig. 6A). Cases closer to normal were more 

influenced by KSEE than KPEE demonstrated by the nearly horizontal contours in the ranges of 0-

5% for KSEE, and -5-5% for KPEE (Fig 6A). 

 MTU apparent efficiency reached a maximum value of ~2.2 at normal KSEE and 0-20% KPEE 

(Fig 6B), and declined with either increasing or decreasing KSEE to values of ~2.1 in the complaint 

cases, and ~1.8 in stiffer cases. MTU apparent efficiency was more dependent on KSEE, indicated 

by nearly horizontal contours throughout. 

 CE apparent efficient demonstrated similar relationships to the MTU apparent efficiency (Fig 

6C), although the apparent efficiency trends were flipped (i.e. high efficiencies in stiffer 

conditions, low efficiencies in normal and compliant cases). CE apparent efficiency ranged from 

a low of ~0.16 in the compliant cases, to a high of ~0.32 at high KSEE and low KPEE. 
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Figure 6. Average metabolic rate (J/(s*kg))(A), and apparent efficiency of the MTU (B) and CE (C) (contours) versus PEE 

stiffness (x-axis) and SEE stiffness (y-axis). Metabolic rate was KSEE dependent in more normal cases (i.e. horizontal contours) 

(A), MTU apparent efficiency was dependent on KSEE in complaint cases, and equally dependent on KSEE and KPEE in stiff cases 

(B), and CE apparent efficiency demonstrated similar dependencies as the MTU, although the efficiency trends are flipped (C).  
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2.5. Discussion 

 We conducted a simulation experiment investigating the effects of muscle and tendon stiffness 

on the performance of the triceps surae during cyclic movements. Our results demonstrate that 

triceps surae MTU dynamics are more influenced by tendon stiffness than by muscle stiffness.  

2.5.1. Natural Frequency  

 MTU natural frequency was highly dependent on SEE and PEE structural properties, 

increasing with increased SEE or PEE stiffness and vice versa. Qualitatively, this matches our 

predicted outcome, and in outcomes shown in other similar mechanical systems.3,25 However, this 

relationship is not linear; that is, linear increases of stiffness do not lead to linear increases of 

natural frequency. Additionally, stiffness changes in the SEE lead to greater changes of the natural 

frequency than stiffness changes in the PEE. Differences between SEE and PEE stiffness responses 

may likely arise from material property differences, demonstrated by the force-displacement 

curves (fig 1). The modeled tendon is much more sensitive to changes in stiffness (table 2), which 

would have a greater impact on the natural frequency. These changes in natural frequency may be 

an underlying cause for changes seen elsewhere in the dynamic responses. 

2.5.2. Force and Power During Dynamic Contractions 

 In partial support of hypothesis (1) the force responses from the dynamic contractions (Fig. 3, 

top row) were either increased or reduced. In cases where the SEE is more compliant the forces 

are reduced; however, in more stiff SEE cases, the forces are increased. Additionally, PEE stiffness 

had little effect on the force response. Increased MTU forces in the presence of increased SEE 

stiffness can be attributed to increased passive forces. Since the length changes by the MTU 

remained relatively constant across simulations, the presence of a stiff tendon does not allow for 

the normal tendon stretch.  
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 While the stiffer tendon does not stretch as much, the muscle is forced to undergo greater 

length excursions, resulting in a greater force contributions from passive structures.26 Indeed, this 

can be confirmed from the operating force-length curve (Fig. 4A), where the stiffer tendon cases 

force the muscle to operate at longer lengths. At longer lengths, the muscle acts closer to the 

descending limb of the active force-length curve, where passive contributions become more 

prominent. These passive contributions increase the overall force response which may not 

necessarily be beneficial. 

 In previous studies, increased passive force contribution can be indicative of increased muscle 

strain and reduced contributions from the SEE.27-29 In addition, while the model here describes the 

triceps surae MTU, these increased forces could have unforeseen consequences higher up the limb, 

leading to altered forces and moments in the knee and hip.30-32  

 In partial agreement with hypothesis (2), positive power of the CE increased for SEE stiffness 

greater than normal (fig 5B). However, there was little effect of PEE stiffness on CE positive 

power, again demonstrating the prevailing SEE stiffness effect on MTU dynamics. This is further 

demonstrated in SEE positive power, which increased with increasing SEE and PEE stiffnesses.  

2.5.3. Metabolic Rate and Apparent Efficiency 

 In agreement with hypothesis (3), the apparent efficiency of the MTU decreased as stiffnesses 

are increased to more extreme stiff or complaint cases (fig 6B). Similar to changes in MTU 

mechanics, both metabolic rate and apparent efficiency of the MTU and CE were more sensitive 

to changes in SEE stiffness than to changes in PEE stiffness.  

2.5.4. Application to Aging 

 Studies investigating the effects of aging on tendon properties have been unable to come to a 

consensus regarding their stiffness changes. Skeletal muscle changes tend to be consistent: muscle 
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mass declines with aging, and an infiltration of fibrotic connective tissue increases the muscle’s 

passive stiffness. Tendon on the other hand is more undefined. Ultrasound studies in humans have 

demonstrated that the tendon of aged adults becomes more compliant7, unchanged33, or stiffer34 

when compared to younger controls; additionally animal models have demonstrated that tendon 

can become more complaint24, unchanged35 or stiff.36,37 Using the animal model as a basis, our 

results demonstrate how dynamics may change in a stiff muscle-stiff tendon condition.  

 For instance, in a stiff-stiff condition (i.e. aged, top right corner of all contours), metabolic rate 

is increased, with CE apparent efficiency increased, and MTU apparent efficiency decreased 

compared to the normal (i.e. young) condition. Metabolic rate was modeled using CE velocity as 

inputs (table 2), thus operating velocity of an aged muscle should be higher than younger muscle. 

This is indeed the case, as the operating force-velocity curve for a stiff-stiff case (fig 4B, yellow), 

with the CE operating at a much larger range than younger (fig 4B, blue) cases. Therefore, CE are 

shortening faster at longer lengths (fig 4A), which may be detrimental to an aged gait.27 

 In addition, force responses from the stiff-stiff condition demonstrate an increase in passive 

force (Fig 3C). Increased tendon stiffness would cause shorter length excursions during a 

contraction. As such, the muscle is forced to stretch further, leading to increased passive force 

contributions. Increased passive force contributions may be detrimental and lead muscle injury.27 

Length changes (Fig 3C) of the stiff-stiff condition further demonstrate this, as the overall muscle 

length change is greater than in any of the other conditions. Additionally, with increased length 

changes in the same period of time, the velocities are also increased. Thus, combined with the 

metabolic analyses described previously, in an aged condition where both muscle and tendon 

stiffnesses are increased, force is increased, muscle length excursion is greater, velocities are 



   

69 

 

increased, and operate less efficiently. Older individuals may overcome these detriments by 

adopting a “shuffled” gait characteristic of the aging population. 

2.6. Conclusions/Future Directions 

 Using a simplified hopping model, we demonstrated the important influence of muscle-tendon 

stiffness in shaping triceps surae MTU mechanics and energetics. Of note, the SEE stiffness has a 

greater influence on MTU mechanics and energetics than PEE stiffness. This model is meant to 

provide support for in vivo experiments to understand structure-function changes with aging during 

human gaits. Future research will apply these findings to (1) explore stiffness in aging animal 

models and (2) determine ways to ameliorate stiffness changes in clinical populations, particularly 

aging.  
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CHAPTER 3: Structural and Functional Changes of Aged Muscle-Tendon Units During 

Resonance Tuning 

3.1. Abstract 

 In aging, there are changes in structure and function of muscle and tendon that can result in 

declined locomotion behavior. However, the causes for these changes are not well understood, 

with potential experiments being too invasive for human studies. Here we utilize an animal model 

to investigate the age-related changes in the structure-function properties of muscle-tendon units 

(MTUs). We quantified the passive and active properties of the medial gastrocnemius muscle and 

the passive properties of the Achilles tendon in young (~6 month) and old (~32 month) rats. Using 

these properties, we used our previously established motor controller to simulate hopping 

locomotion at a variety of stimulation driving frequencies. The changes observed between the age 

groups were small, yet old MTUs demonstrated increased muscle stiffness, decreased tendon 

stiffness, and decreased force output, decreased length change, and increased power outputs at 

slower driving frequencies. These results suggest that the higher metabolic cost associated with 

aging is in part due to the altered stiffnesses of MTUs. Furthermore, these changes in the stiffnesses 

can lead to shifts in the force-length and force-velocity operating range that can effect mechanical 

performance, yet remains on marginally affect by the driving frequency. Our study demonstrates 

the changes of elastic MTU behavior during cyclic contractions in aging. 

3.2. Introduction 

 The conserved process of aging can result in declining mobility for older populations. Studies 

have demonstrated that older individuals exhibit an increase in metabolic cost of walking1, 

decreased efficiency while running2,3, and decreased force production within the muscle.4 This 

loss of function associated with age may be the result of several factors including: decreased 
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efficiency of muscle contraction5, decreased muscle mass or cross sectional area of the muscle4, 

increased deposition of non-contractile proteins (e.g. collagen)6-8, or other changes in muscle 

architecture that leads to an altered stiffness of the muscle-tendon unit. Understanding these 

underlying geometric or structural changes to the muscle tendon unit during aging could lead to 

new therapies reducing the severity of the functional decline.   

 Unfortunately, how specific structural changes lead to altered functioned outcomes are not well 

understood. Furthermore, studies investigating these relationships in the triceps surae muscle 

group have demonstrated different responses in different mammalian models. For instance, in 

humans, the muscle becomes stiffer, with the tendon becoming more complaint.9,10 Meanwhile rat 

model studies have demonstrated that both the muscle and tendon become stiffer.11 The 

discrepancy between these two findings may be explained by the experimental methods used to 

acquire data of this nature. For instance, human studies often utilize less invasive techniques such 

as ultrasound to estimate length changes of a given muscle12,13, while forces have to be estimated 

utilizing force plates and inverse dynamics14, or more invasive strain gauges.15 Animal studies can 

use these same whole body metrics16,17, or more invasive surgical techniques where entire muscle 

can be isolated.11,18 

 Another issue for determining appropriate structure-function relationships arises when 

considering the individual properties of muscle tendon units. Each skeletal muscle exhibits a non-

linear excitation-contraction coupling and a non-linear stress-stain relationship.19 Both the tendon 

and muscle exhibit non-linear force displacement dynamics19, as well as variable gearing in 

muscle20, and variable stiffness of the aponeurosis between the muscle and tendon.21 The history-

dependent nature of muscle tendon units also plays a role in the potential response.22,23 

Furthermore, across the lower limb, muscle tendon units can exhibit different origin and 
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attachment sites, geometries, wrapping, and biological moment arms that can further influence its 

function.24 Therefore, experiments designed to solve some of the structure function relationships 

require simple approaches to isolate one or more of these variables.  

 Previous work performed by our lab sought to study mechanically simple behaviors such as 

hopping or bouncing to better understand elastic muscle tendon interactions at the ankle joint.25,26 

The stationary behavior of hopping preserves the spring-like effects of walking, but minimizes 

involvement at other joints. Our work and those of the others have demonstrated that bouncing 

behavior of the muscle-tendon unit can be “tuned” to a resonant frequency such that the movement 

cycles large energy amounts in the tendon and aponeurosis.25-28 Tuned muscle-tendon mechanics 

results in spring-like joint behavior with mechanical power and efficiency beyond what is possible 

with muscle alone. Furthermore, neural control during these experiments cannot be overlooked. 

Using isolated muscles in workloop based experiments have demonstrated that influence of neural 

control on muscle function. In our previous experiments, a custom controller utilizing a simple 

harmonic model was used to simulate a natural hopping gait and was applied by an ergometer, 

with the timing of muscle activation varied in a controlled manner with respect to the phase of the 

movement cycle.26 Our results showed that these experiments can lead to the identification of a 

neural stimulation pattern appropriate for net zero work and large amounts of energy storage and 

return.26 However, this approach has not been utilized to study the effects of aging. Previous in 

situ studies drove an MTU at a constant sine wave11, which may underestimate the behavior of the 

MTU during locomotion. 

 The purpose of this study was to examine the age-related changes in a MTU during hopping 

locomotion. We use an animal model of aging, the F33xBN rat (developed by the National Institute 

on Aging), to establish a more controlled environment that avoids the problems of human studies.11 
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Furthermore, this strain is well suited for aging since it avoids confounding pathologies common 

in other systems. Our general hypothesis was that changes in the structure of the MTU due to age 

would drive subsequent changes in the function of the MTU. More specifically, we hypothesized 

that old MTU would demonstrate and increased stiffness, comparable to other studies, which 

would in turn lead to an increased resonant frequency when compared to young. We also expected 

the old MTU would have lower forces, decreased length changes, and decreased power outputs 

when compared to young. Finally, as each age MTU was driven at frequencies away from the 

resonant frequency, the behavior would change MTU trajectories such that they are no longer ideal 

for elastic energy storage and return.  

3.3. Methods 

3.3.1. Animal Subjects 

 All experiments performed were approved by the North Carolina State University Institutional 

Animal Care and Use Committee. Young (n=12, age 5-9 mo, body mass:) and old (n=10, age 33-

34 mo, body mass: ) male Brown Norway x F344 F1 hybrid rats, Rattus norvegicus, were obtained 

from the National Institute on Aging (F344BN; Bethesda, MD) and housed in the NC State 

University Biological Resources Facility. On arrival, there was a 1-wk adaptation period before 

use in experiments. Animals were fed standard chow and water ad libitum.  

3.3.2. Surgical Protocol and Instrumentation 

 Before use in experiments, animals were anesthetized using 2% isoflurane, and maintained on 

a closed-system anesthesia machine (Kent Scientific, Torrington, CT). The animal was placed 

prone on a heated surgical stage (Aurora Scientific, Aurora, ON, Canada). The sciatic nerve was 

exposed via a small incision running from the caudal midline of the hind limb toward the base of 

the tail. A bipolar nerve cuff (Microprobes for Life Science, Gaithersburg, MD) was placed around 
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the nerve, and the nerve was severed proximally. The area around the cuff was filled with mineral 

oil and covered with a saline-moistened gauze. The Achilles tendon and gastrocnemius muscle 

were identified and exposed. Sonomicrometry transducers (1 mm diameter; Sonometrics Inc., 

London, ON, Canada) were implanted along a fascicle of the medial gastrocnemius (MG). This 

allowed for measurement of the muscle fiber length and velocity. All tendons, except that of the 

MG were severed and the calcaneus was cut leaving a bone chip attached to the MG tendon. This 

chip and tendon were secured in a custom-made clamp, maintaining as much free tendon 

unclamped as possible. An incision was made on the lateral side of the thigh and the femur was 

clamped into a stereotaxic frame. The tendon clamp was connected to the lever arm of an 

ergometer (310 C-LR; Aurora Scientific) using a steel cable (3 cm). The muscle was wrapped in a 

saline-moistened gauze and Saran wrap, and muscle temperature was maintained at 37°C using a 

heat lamp. 

3.3.3. Determination of Muscle-Tendon Properties 

 Isometric fixed end tetanic contractions were elicited by a supramaximal 0.2-ms pulses at a 

pulse rate of 100 Hz for 400 ms (701 C stimulator, Aurora Scientific) under various amount of 

passive tension to produce a force-length curve. This allowed the quantification of both the optimal 

length (L0) and maximal isometric force (Fmax) of the MTU. After-loaded isotonic tetanic 

contractions were used to determine the force-velocity relationship of the muscle with the same 

stimulation protocol used for force-length determinations. Force was allowed to rise to a defined 

level of Fmax (10, 30, 50, 70, or 90%), and the muscle was allowed to shorten to ensure a constant 

force. The order of passive forces (in force-length stimulations) and force level (in force-velocity 

stimulations) were randomized and a 3-min rest period was allowed for recovery between 
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stimulations. Maximum shortening velocity (νmax) was obtained by fitting the Hill equation to the 

pooled data for each age group.  

 To determine the system passive resonant frequency (ω0) of the simulated environment, we 

allowed the MTU to oscillate against our simulated inertial system26 until steady state behavior 

was reached. This approach also estimated linear MTU stiffness for the selected environment 

parameters (mass= 0.008 kg, length in= 54 , length out= 1). Using these parameters, the 

equilibrium force with which the system tended to oscillate around could be calculated: 

𝐹𝑒𝑞 = 𝑚𝑔(
𝑙𝑜𝑢𝑡

𝑙𝑖𝑛
) 

𝐹𝑒𝑞 = 4.23 𝑁 

Linear MTU stiffness was calculated by finding the slope of the force rise during a passive 

oscillation around the equilibrium force. Passive stiffness of tendon (kSEE) was calculated by 

estimating the slope of the force rise during a fixed end contraction around the equilibrium force. 

Passive stiffness of the contractile element (kCE) was estimated by assuming that kCE and kSEE acted 

as a spring in series and solving for kCE: 

𝑘𝑀𝑇𝑈 =
𝑘𝐶𝐸𝑘𝑆𝐸𝐸

𝑘𝐶𝐸 + 𝑘𝑆𝐸𝐸
 

𝑘𝐶𝐸 =
𝑘𝑀𝑇𝑈𝑘𝑆𝐸𝐸

𝑘𝑀𝑇𝑈 − 𝑘𝑆𝐸𝐸
 

All stimulation frequencies in dynamic conditions were centered on the resonant frequency value. 

Before dynamic conditions, eight fixed end contractions were performed at the resonant frequency 

and a stimulation duty of 10% as a means of determining a baseline force for estimating muscle 

fatigue. This pattern of stimulus was also applied to dynamic conditions.  

 For conditions where the active MTU performed a dynamic interaction with the simulated 

inertial load, the driving frequency was varied ±40% ω0 in 20% intervals. Driving frequencies were 
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randomized to hinder fatigue effects, and each frequency conditions consisted of eight cycles of 

stimulation. Simulation specifics for dynamic contractions are reported in Robertson et al. Briefly, 

each trial began with the MTU under optimal passive tension and the inertial load resting on a 

virtual table. The table would disengage when the MTU force exceeded that of the gravitational 

load. Once the condition was satisfied, the table is removed and the MTU is allowed to oscillate 

against the load with no constraint placed on the system. The system was allowed 3-4 cycles to 

reach steady state behavior and the following 3 cycles were used in the subsequent analysis. MTU 

component mechanical power (Pmech) was calculated for these experiments by: 

𝑃𝑚𝑒𝑐ℎ(𝑡) = 𝐹(𝑡) ×
𝑑

𝑑𝑡
𝐿(𝑡) 

Where F(t) and L(t) were recorded force vs. time and length vs. time, respectively. Additionally, 

operating length and velocity were calculated as described previously.  
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Figure 1. (A) Schematic of in situ stimulation, (B) Force (i) and displacement (ii) data from a passive pluck condition, and 

(C) full force (i) and displacement (ii) data representative of the ω0 condition. Note that patterns are cyclic.Notice that the 

system stabilizes and reach steady state quickly. The convention used to define muscle phase is annotated between C, i and ii.  

 

3.3.4. Determination of Phase and Average Total Power 

 Phase data were calculated relative to the minimum MTU length observed for each stretch-

shortening cycle and normalized to stimulation onset for each conditions. A schematic of these 
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measured values is shown in Figure 1C. Phase values from other workloops studies are reported 

in this manner where wave-like trajectories are applied; experiments performed herein are 

comparable to these previous studies.  

 Average positive-mechanical power (�̅�𝑚𝑒𝑐ℎ) for the MTU was computed by integrating 

instantaneous mechanical power over a cycle and dividing by the stimulation cycle period 

(𝑇𝐷𝑟𝑖𝑣𝑒 = 𝜔𝐷𝑟𝑖𝑣𝑒
−1 ) by the following:  

�̅�𝑚𝑒𝑐ℎ =
1

𝑇𝐷𝑟𝑖𝑣𝑒
∫ 𝑃𝑚𝑒𝑐ℎ(𝑡)𝑑𝑡

𝑡=𝑇𝐷𝑟𝑖𝑣𝑒

𝑡=0

 

In order to calculate average positive and negative powers (�̅�𝑚𝑒𝑐ℎ
+  and �̅�𝑚𝑒𝑐ℎ

− , respectively), the 

same calculation was made for only the regions of either positive or negative instantaneous power.  

3.3.5. Statistical Analysis 

 Due to the difficultly of the surgical preparation, not all animal subjects could complete a full 

data set. We therefore complied the data for each dependent variable based on the animals where 

data was collected, and the results shown indicate the different number of subjects for each table 

or plot. We conducted a two-factor repeated measures ANOVA (factors: muscle stimulation 

frequency and animal age) to test for an effect of either factor on a number of key dependent 

measures of muscle-tendon mechanics and energetics during dynamic contractions (α=0.05, 

Graphpad Prism, GraphPad Software, San Diego, CA). For dependent measures where two-factor 

ANOVA main effects or interactions were significant (p<0.05), we performed Tukey’s post-hoc 

analysis for multiple comparisons.  
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3.4. Results 

3.4.1. Active and Passive Parameters 

 Our active and passive parameters differ from other studies describing age-related changes in 

the muscle tendon unit. We found that while there was no significant differences between age 

groups, aged animals tended towards a decrease in the maximum isometric force (𝐅𝐦𝐚𝐱) and an 

increase in the maximum shortening velocity (𝐯𝐦𝐚𝐱)(Table 1). We observed no differences in the 

optimal lengths of the MTU, SEE, or CE between age groups. However, we found that at longer 

lengths, the aged MTU was slightly stiffer compared to young. Furthermore, we also found that 

the stiffness of the series elastic tendon tended toward a decrease in aged MTU, resulting in 

increase of the stiffness of the CE, contrary to previous studies.29 Due to this alternating trade-off 

in stiffness, we observed no difference in the resonant frequency (𝛚𝟎) between age groups. 

Table 1. Experimentally derived parameters for young and old rat medial gastrocnemius muscle-

tendon unit 

 Young (n=6) Old (n=6) 

Mass   

     Body mass,* g 371.45 ± 7.18 559.66 ± 31.22 

     MTU mass, g 1.75 ± 0.19 2.27 ± 0.20 

Active Parameters   

     𝐅𝐦𝐚𝐱, N 18.83 ± 3.74 13.87 ± 2.45 

     𝐯𝐦𝐚𝐱,a m/s 0.128  0.179  

Passive Parameters   

     𝐋𝟎 MTU, m 0.028 ± 0.001 0.027 ± 0.002 

     𝐋𝟎 SEE, m 0.017 ± 0.003 0.016 ± 0.002 

     𝐋𝟎 CE, m 0.011 ± 0.001 0.012 ± 0.001 

     𝐤𝐌𝐓𝐔,b N/m 3683 ± 307.1 5867 ± 1960 

     𝐤𝐒𝐄𝐄,c N/m 6102 ± 1303 5423 ± 1069 

     𝐤𝐂𝐄,d N/m 8641 ± 4237 9686 ± 6439 

     𝛚𝟎,e Hz 2.14 ± 0.08 2.11 ± 0.09 
Values are mean ± SEM 

*Values are significantly different between young and old (p<0.05) 
aValue was estimated by fitting a single curve to the complied data for each age group 
bValue was estimated by determining the slope of force rise during passive oscillation through the equilibrium force within a passive 

pluck 
cValue was estimated by determining the slope of force rise as the length passes through the equilibrium force 
dValue was estimated by rearranging the spring series stiffness equation and solving for 𝑘𝐶𝐸 
eCalculated by averaging the period over 5 cycles and determining the inverse 
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3.4.2. Overall System Dynamics 

 In general, the system dynamics were observed to be cycle and self-stabilizing (Fig 1C, i and 

ii). A representative dataset showing the mean of three cycles of muscle stimulation across all 

available animals and driving frequency (𝛚drive) conditions are shown in Fig 2 (normalized data 

shown in Fig S2). We assumed that the pennation effects were small. Observations demonstrate 

that there are alternating phases of energy storage and return within the MTU over a stretch-shorten 

cycle. All data are plotted against relative axes (Absolute , and mean behavior in force, length 

changes, and power output were small within a single animal, further demonstrating steady and 

periodic behavior. 

 

Figure 2. Averaged dataset across all viable preparations showing (i) mean workloop, (ii) force, (iii) ΔL, (iv) velocity, and 

(v) mechanical power output for the (A) -20% ω0, (B) -10% ω0, (C) ω0, (D) +10% ω0, and (E) +20% ω0 conditions. All mean 

data are based on four stimulation cycles from each conditions. All cycles begin and end at BDC. 
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3.4.3. MTU Peak Force, Phase Dynamics, and Mechanical Power Output 

 MTU peak did not differ with respect to muscle stimulation driving frequency, 𝛚drive 

(P=0.70), or with age (P=0.75) (Fig 3A). Maximal peak MTU force approached 0.7 x Fmax in young 

and 0.55 x Fmax for a driving frequency of -40% and -20%ω0 and tended to decrease to 0.45 x Fmax 

and 0.53 x Fmax in young and old, respectively.  

MTU peak force phase decreased significantly with increasing 𝛚drive (P<0.0001), yet was not 

different across age (P=0.11)(Fig 3B). At lower 𝛚drive, peak force phase occurred ~70% of a cycle 

after minimum MTU length, or “bottom dead center” (BDC) across both ages. As 𝛚drive 

increased, peak force phase continued to decrease to ~40% of a cycle relative to BDC at 

+40%𝛚drive. 

 Average net mechanical power output (�̅�𝑚𝑒𝑐ℎ
𝑛𝑒𝑡 ) of ~0 was observed across all frequencies in 

the MTU across both ages (Fig 3C). A net of zero indicated steady cyclic behavior similar to that 

of locomotion on level ground. Also, net zero output was the result of equal amount of average 

positive and negative mechanical power from the MTU. However, at lower stimulation 

frequencies, the net mechanical power output was slightly higher than 0 suggesting a more unstable 

system, and an increase in the positive amount of power generated. Both positive and negative 

mechanical power decreased as driving frequency increased. 
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Figure 3. Mean ± SE data for (A) normalized peak force, (B) peak force phase, and (C) MTU positive, negative, and net 

average mechanical power over a cycle of stimulation. All power units are reported as AU due to complexity of units. In all 

figures, conditions significantly different (P<0.05) from other driving frequency conditions are indicated by *. 

 

3.4.4. Operating Length and Velocity 

 MTU operating length and velocity tended to be more influenced by age than driving frequency 

(Fig 4). In young, shifting away from a driving frequency of resonance lead to operating a longer 

lengths (Fig 4A) and faster shortening velocities (Fig 4C), while decreasing the operating range 

for each. In general, however, the operating length ranges remain small between both young and 

old. In old, higher driving frequencies led to operating at shorter lengths (Fig 4B) and slower 

velocities (Fig 4D). Slower driving frequencies in old demonstrate little change in either operating 

point or range in length or velocity relative to driving at the resonant frequency. Between young 

and old, there was also a general shift of the active force-length curve.  

* 
* 

* 
* 

* 
* 

* 
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Figure 7. Operating length from (A) young and old (B), and operating velocity from young (C) and old (D) averaged across 

all viable experiments during stimulation. Means are labeled with (●) and ranges are labeled with bars from the active 

contraction. In (A) and (B), the length over the entire cycle is shown with translucent bars. Means are averaged across four 

stimulation cycles. Note the small operating ranges across both young and old conditions.  

 

3.5. Discussion 

 In this study, we used both young and old MTUs to evaluate the changes that occur in structure 

and function during locomotion. Our general hypothesis that structural changes in the aged MTU 

would lead to detrimental functional outcomes was partially supported.  

3.5.1. MTU active and passive properties with age 

 One specific hypothesis was that old MTUs would demonstrate increased stiffness leading to 

an increased resonant frequency. We discovered in the medial rat gastrocnemius that the tendon 

and muscle underwent small, insignificant changes to stiffness with advanced aging (Table 1), in 

contrary to previously reported studies.11 Other studies have reported an increase in both 

stiffnesses for muscle and tendon, hypothesized to be the result of increased collagen deposition 

as muscle stem cells shift from a muscle-forming fate to a fibrogenic fate.11,30,31 The small changes 
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we observed demonstrated that old MTU tend towards more compliant tendons and stiffer muscles. 

These findings suggest that muscles may undergo this increased deposition of collagen, while the 

tendon may not replace or add additional collagen. These data add more to the ongoing debate of 

whether the tensile properties of tendons increase, decrease, or have no effect as a result of 

changing collagen properties.32-36 Furthermore, other studies have demonstrated that tendons can 

have different structural and material properties depending on their in vivo function.37 Therefore, 

the discrepancy between our results and those of others may be the result of the activity of 

individual animals leading to different structural and material properties of each individual animal. 

Future studies should seek to monitor the activity of these animals as they age to better pair with 

the structure changes that may or may not occur. 

 These small changes in stiffness led to only minimal changes in the resonant frequency 

between young and old MTUs. In our previous modeling work (currently under review), changes 

in stiffness between the muscle and tendon result in contours along which the resonant frequency 

can change. The most extreme cases of resonant frequencies changing were due to muscle and 

tendon stiffnesses changing in the same way (i.e., muscle and tendon both becoming more stiff or 

more compliant). In cases where muscle and tendon stiffness are changed different to each other, 

the resonant frequency does not change, or only minimally. Therefore, this aspect of our hypothesis 

was not supported.   

3.5.2. Overall System Dynamics 

 Another aspect of our hypothesis was that old MTUs would demonstrate decreased force, 

decreased length changes, and decreased power outputs when compared to young. While we also 

observed no change in the maximum isometric force (Table 1) or with different resonant 

frequencies (Fig 2ii, Fig 3A) with aging, the results suggest that aged MTU were trending towards 
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a reduction, similar to numerous other studies.11,38 Our lack of a significant difference may be the 

result of high variability between animals, or that the masses of the old animals were slightly larger 

than of those reported previously11. Furthermore, across different driving frequencies, there was 

no difference to the change in maximal force produced (Fig 3A). This was in contrast to our 

previous work, where maximal force was reached when the system was driven at its own natural 

frequency.39 These data may suggest that peak forces could be reached regardless of driving 

frequency. This result suggests that in this preparation, the driving frequency may not be as 

important in regulating the force output of the system. 

 With regard to length changes, old MTUs demonstrated small, decreased length changes 

compared to young (Fig 2iii), suggesting that old MTU become slightly more stiff, in agreement 

with our data collected from isometric testing (Table 1). Additionally, these differences become 

more pronounced at slower driving frequencies. This shift can be explained by the longer time 

between cycles. As young MTUs are slightly more compliant, they are able to undergo a longer 

range of length change over a wider period of time, yet due to being stiffer, old MTUs cannot make 

the same change in length in the same period of time. Furthermore, these smaller length changes 

resulted in smaller operating length ranges for old MTUs (Figs 4A and B). Since operating lengths 

were calculated based on regions where the stimulus was active, the length changes during this 

period (~50%-75% of the cycle) were nearly isometric, evidenced by the plateau-like regions of 

the length curves in the old MTUs (Fig 2iii). At higher stimulation frequencies, the old operating 

lengths got shorter and shifted toward to the ascending limb of the length tension curve. These 

reductions in operating lengths suggested by these results may protect the muscle from damage, 

as suggested by other studies.40-42 As older muscles may be more prone to stretch-induced damage, 

this observation may be particularly beneficial. 
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 These length changes, while small, occurred over a short period time, resulting in similar 

operating velocities between young and old (Figs 4C and D). Other studies have reported the same 

or slower velocities in old MTUs and muscles.11,43,44 Slower velocities in aged muscles is 

hypothesized to be the result of a loss of fast-type fibers, and preference to retain slow fibers.45 

Our results demonstrate almost no changes in operating velocity or vmax between age groups. There 

was also no difference between operating velocity between driving frequencies. These results 

suggest that any changes to fiber type in the muscle were small. With these small changes in force, 

length, and velocity, power results were also only marginally affected. Furthermore, the influence 

of a dynamic load lead to more complex interactions between force, length, operating length and 

velocity, and stiffness, which may lead to a washing out effect of any differences. 

 In disagreement with our hypothesis, old MTUs did not demonstrate a change in power 

production compared to young. At slower driving frequencies, old MTUs tended towards an 

increase in the amount of positive power produced (Figs 2A and Biii, Fig 3C), but this increase 

was minimized at faster driving frequencies. In contrast to our previous work, power was not 

maximized at resonance26, with instead the greatest amount of power occurring at -40% ωdrive. This 

increase in power is likely the result of the slightly increased stiffness of the old MTU and 

associated velocity change that occurs over a shorter period of time. Furthermore, young MTUs 

seemed more resistant to changes in the driving frequency, with virtually no change in the amount 

of power produced across trials. These data suggest that young MTUs are more robust to changes 

in driving frequency than old MTUs, yet the changes between young and old are small. 

3.5.3. MTU Property Implications during Aging 

 While the changes between young and old MTUs were small, these small changes could have 

larger implications for the overall function of the animal. The increased stiffness in old MTUs 
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could lead to a reduced range of motion at the ankle, which provides the primary amount of work 

during locomotion.46 This will in turn cause other MTUs at higher joints to perform more work to 

compensate.47 In order to perform this added work, changes in the geometry of these muscles such 

as changes in pennation angle or fiber length would need to occur.48 Additionally, as tendon is 

either lost or shortened due to age, the muscle must compensate for the lack of an elastic structure, 

leading to further increased power output.49 These changes may help to explain why older 

individuals often walk with altered gait patterns.  

 Changes in the natural frequency can also significantly affect MTU dynamics both in this 

dataset and elsewhere26, and can have substantive effects on the metabolic efficiency.27 However, 

typical measures of metabolic efficiency consider whole body measures rather than single muscle 

estimates.1 Our previous work demonstrated that investigation of the singular ankle MTU provides 

a reasonable approximation of observations in human studies.25,26 However the experiments 

performed here consider only isolated environments. In real-world environments, changes in 

elevation or ground composition can lead to proprioceptive (muscle spindle and golgi tendon) 

feedback that can allow the MTU to optimize its resonance frequency to that specific 

environment.50 In young MTUs, the small changes between driving frequencies suggest a more 

robust system that may be more apt for handling these environmental changes. However, the 

relatively larger changes observed in the old MTU suggests that these old MTUs could be more 

negatively impacted by environmental changes. To our knowledge, we are the first to investigate 

the driving frequency effects in both young and old animals using this animal model.  

 The results of this study were highly variable, with old animals demonstrating small changes 

overall to the young. This high variability between the animals could be the result of the amount 

of activity performed across each individuals’ lifespan. In more active humans, changes in muscle 
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and tendon stiffness can be smaller compared to those who are less active.51 A similar phenomenon 

may have occurred here with some animals being more active across the lifespan leading to smaller 

changes between the young animals. The discrepancy between numerous studies suggesting if 

MTUs get stiffer or more compliant with age could be a question of the response of the individual 

and not the group. Further studies should investigate this hypothesis to better reach an 

understanding of these age-related changes.   

 Of all the changes between young and old MTUs observed in this study, the stiffness changes 

observed may be the most consequential. While the overall MTU stiffness was not altered, the 

internal stiffnesses of the muscle and tendon were varied. This internal shifting of stiffnesses may 

explain help to explain the changes in function. For instance, the force of a given muscle can be 

described as a function of its max force output multiplied by its activation, force-velocity, and 

force-length properties, with the addition of passive contributions.19 Since activation was not 

varied throughout the experiment, the changes of force observed in the study can be most attributed 

to force-length and force-velocity changes. Indeed, the operating points between young and old 

varied greatly, likely due to the stiffness changes observed. These shifting force-length and –

velocity points also help explain how the resonance between the two groups was not changed since 

these internal stiffness changes help to keep the overall function similar between groups. Therefore 

while the structural changes occur in these tissues, the overall change in function remains robust. 

These structural changes are the direct result of cellular changes in the tissue of both muscle and 

tendon with age. In muscle, muscle specific stem cells (satellite cells), responsible for muscle 

repair and regeneration, undergo a loss of function and injured muscle is instead outfitted with 

collagen or other connective proteins to fill the lost tissue.52,53 This increase in collagen can lead 

to an increased stiffness in muscle, similar to those observed here. In tendon, repair is almost non-
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existent, yet increased crosslinks between collagen in tendon does appear with age, suggesting a 

further increase in stiffness.54,55 This effect was not observed in our data, perhaps as a result of 

tendon wasting instead of more crosslinks being formed. Future studies should investigate this 

cellular response to elucidate more sources of the structural changes observed in this and other 

studies.  

3.6. Conclusions 

 In this study, we used an animal model to explore the effects of age on the MTU behavior 

during a model for hopping. Our results suggest that while changes were small, MTUs from older 

animals were stiffer leading to decreased length changes and causing subsequent increases in 

power output. These changes are likely to significantly impact the performance of the entire 

animal, requiring assistance from other MTUs in the animal. The small changes from these 

experiments may be the result of individual variation, where more active animals are better adapted 

and resemble characteristics similar to young MTUs.  
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CHAPTER 4: Optimizing a Cell Co-Culture System to Understand Bone-Muscle 

Interactions 

4.1. Abstract 

 Despite a good understanding of the mechanical interactions between bone and muscle, the 

biochemical interactions between the two are not well understood. Understanding these 

biochemical interactions could lead to new therapeutic options for musculoskeletal disorders. 

However, a good method for determining these biochemical interactions at the cellular level has 

yet to be investigated. Therefore, the objective of this study was to develop a viable co-culture 

system to investigate the biochemical interaction between muscle satellite cells (SCs) and bone 

marrow-derived mesenchymal stem cells (MSCs). Rat SCs and MSCs were either mono-cultured 

or co-cultured in Transwell® plates, subjected to different plate coatings and media formulations 

for 14 days, and biochemically and histologically analyzed for cell viability and cell 

differentiation. While plate coating did not influence cell viability or differentiation, the media 

provided to each cell type affected differentiation, with SCs preferring muscle-specific media, and 

MSCs preferring bone-specific media. The results suggest that when developing a co-culture 

system between SCs and MSCs, the media provided to each cell type is more important than the 

coating used. This study is the first to establish a viable co-culture technique to understand bone-

muscle interactions. Further investigation of these interactions could lead to enhanced strategies 

or treatments for musculoskeletal diseases. 

4.2. Introduction 

 Bone and muscle coupling consists of a complex system of mechanical and biochemical 

interactions.1,2 From a mechanical perspective, muscle’s ability to generate force introduces axial, 

torsional, shear, and bending loads to the bone that can directly influence bone development during 
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growth and maintenance during aging.3-5 Greater muscle loading leads to increased bone mass, as 

described by the bone mechanostat paradigm6, which implies that as muscle function declines, so 

too does bone mass. Individuals with decreased bone mass (osteopenia) can often develop reduced 

muscle mass and function (sarcopenia),7 yet declines in muscle mass cannot fully explain the 

extent of osteopenia, nor can declines in bone mass fully explain the functional decline of muscle 

in sarcopenia.1 To determine other contributing factors beyond mechanical interactions an 

emerging area of research has sought to understand the potential biochemical cues that underlie 

bone-muscle coupling. 

 Both bone and muscle secrete a variety of factors that can act on distant tissues in a classic 

endocrine fashion, including sending factors to each tissue.8,9 Bone can influence muscle through 

the secretion of osteocalcin, an osteoblast-specific protein that promotes bone formation but also 

prevents age-related loss of muscle mass and strength.10,11 Another protein from bone, 

prostaglandin E2, has been shown to enhance myotube proliferation.12 Muscle influences bone 

through several factors including: (1) irisin, a hormone-like protein that promotes osteoblast 

differentiation13; (2) myostatin, a muscle inhibition protein that promotes osteoclastogenesis14; and 

(3) insulin-like growth factor 1 (IGF-1), which increases osteoblast activity.15 While several 

muscle-specific signaling factors have been shown to affect bone, bone-specific effects on muscle 

are less defined. Muscle flap studies have demonstrated that bone fractures heal more quickly and 

completely in the presence of muscle tissue,16 yet the underlying biochemical “crosstalk” between 

bone and muscle that is driving these changes is not well understood.  

 Bone-muscle interactions can be studied in several ways, including in vivo experiments, 

conditioned media experiments, and co-culture experiments. In an in vivo mouse experiment using 

a bone fracture model, researchers demonstrated that exogenous application of myostatin led to 
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increased muscle fibrosis and decreased bone callus size, suggesting a decrease in the ability of 

bone and muscle to heal.17,18 While this in vivo experiment showed the importance of biochemical 

bone-muscle interactions, these types of studies can be complex due to the need for specialized 

mouse models and application routes for exogenous factors, expensive, and require large subject 

numbers to ensure a well clustered data set. Therefore, development of in vitro experiments have 

become more prevalent due to their relative cost reduction and simplicity compared to in vivo 

experiments. Conditioned media experiments have demonstrated that conditioned media from 

osteocytes induce myogenic differentiation via the Wnt/β-catenin pathway, and conditioned media 

from myocytes protect osteocytes from apoptosis.19 However, this type of experiment only 

examines the one-way response of a cell type to signals produced by another cell type20 and does 

not capture the two-way interaction between cells as in the in vivo endocrine state. Additionally, 

conditioned media experiments in muscle cells often employ C2C12 satellite cells (SCs), a 

commonly used immortal cell line, which may not adequately represent the phenotype of in vivo 

SCs21 and cannot be used in studies of aging or genetic modifications. Direct co-culture 

experiments between skeletal muscle cells and bone-derived cells have demonstrated the ability 

for muscle cells to differentiate without bone cells also differentiating into muscle cells.22 

However, determining which signaling factor comes from which cell type is difficult in direct co-

culture, since the cell types and media cannot be separated for analysis. Developing an in vitro 

system with indirect co-culture, in which primary cells harvested are from live tissue and cultured 

separately yet allowed to communicate through a permeable barrier, may provide a better 

representation of in vivo bone-muscle crosstalk. 

 Previous cell culture studies have highlighted the importance of optimizing the cell culture 

environment to observe strong cell proliferation and differentiation.23,24 Without an appropriate 
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surface coating or media formulation, the cells of interest may not develop properly or demonstrate 

typical characteristics. An indirect co-culture system between bone-muscle has not yet been 

optimized. Therefore, the goal of this study was to determine the optimal culture conditions for an 

indirect co-culture system of primary SCs and bone marrow-derived mesenchymal stem cells 

(MSCs). Once optimized, this experimental design can be used in a variety of studies to improve 

understanding bone-muscle crosstalk. 

 

4.3. Methods 

4.3.1. Animals and cell isolation 

 The Institutional Animal Care and Use Committee at North Carolina State University approved 

all animal procedures. Three 6-week-old male brown rats (Rattus Norvegicus, Charles River, 

Wilmington, MA) were fed a normal diet and kept under a 12-hr light/12-hr dark cycle with free 

access to chow and water until euthanasia. After acclimation to the animal facility for one week, 

rats were euthanized by CO2 inhalation, followed by immediate dissection to remove the 

gastrocnemius and tibialis anterior (TA) muscles and the tibia and femur from one leg. Rat bone 

MSCs were isolated from the tibia and femur using a method modified from Zhang and Chan25. 

Briefly, the bones were placed in warm MSC-specific growth medium (MSCGM) consisting of 

alpha-MEM (Gibco, Gaithersburg, MD), 10% fetal bovine serum (Gemini Bio-Products, West 

Sacramento, CA), and 100 U/mL penicillin-100 µg/mL streptomycin (Gibco). The bone ends were 

removed, and the remaining segments were flushed with MSCGM to extract the marrow and 

isolate the MSCs. The MSCs were plated on a single 120-mm plastic plate (Corning, 

Tewksbury,MA) coated with 2% gelatin (Fisher Scientific, Hampton, NH) and cultured with 

MSCGM in a humidified atmosphere of 37°C and 5% CO2. After 48 h, the nonadherent cells were 

washed out, and the cultures were expanded to passage 2.  
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 SCs were extracted from the gastrocnemius and TA using a protocol from Danoviz and 

Yablonk-Reuveni26. Briefly, the muscles were placed in warm SC-specific growth medium 

(SCGM) consisting of high glucose Dulbecco’s MEM (Gibco), 20% fetal bovine serum (Gemini 

Bioproducts), 10% horse serum (Gibco), and 100 U/mL penicillin-100 µg/mL streptomycin 

(Gibco). Tendon, fat, blood vessels, and connective tissue were removed, and the remaining 

muscle was cut into small (~3 mm3) cubes. Muscle cubes were collected and added to a 1% Pronase 

solution (Pronase Protease, Millipore-Sigma, St. Louis, MO) in SCGM for one hour for digestion. 

The solution and remaining muscle were then collected and suspended in 10 mL of additional 

SCGM. The entire solution was subjected to mechanical trituration by passing the solution through 

a wide-bore pipette to liberate SCs. Finally, the triturated solution was passed through a cell 

strainer with a 70-µm pore size (Fisher Scientific), and SCs were collected and plated on a single 

2% gelatin-coated 120-mm plate with SCGM in a humidified atmosphere of 37°C and 5% CO2. 

After 48 h, the nonadherent cells were washed out, and the cultures were expanded to passage 2.  

4.3.2. Co-culture validation and optimization 

 Numerous media formulations and culture surfaces were tested in both mono- and co-cultures 

of bone and muscle cells to develop an optimal co-culture procedure for both osteo- and 

myogenesis (Fig. 1). In mono-culture experiments, SCs and MSCs were each cultured at 20 x 103 

cells per well in a 12-well plate, with each condition run in triplicate per animal (9 wells total per 

condition). In co-culture experiments, SCs and MSCs were each cultured at 20 x 103 cells per well 

in a 12-well Transwell® plate (Corning, Corning, NY), with SCs in the bottom well and MSCs in 

the insert, separated by the 0.4-µm pore membrane. First, to test the effects of media composition 

on cell proliferation and differentiation, MSCs, SCs, or a co-culture of MSCs and SCs were 

differentiated for 14 days in one of the following four media formulations: 1) myogenic media 
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(MM) containing high glucose Dulbecco’s MEM (Gibco), 1% horse serum (Gibco), and 100 U/mL 

penicillin-100 µg/mL streptomycin (Gibco); 2) osteogenic media (OM) containing alpha-MEM 

(Gibco), 10% fetal bovine serum (Gibco), 50 mM ascorbic acid (Millipore-Sigma), 100 µM 

dexamethasone (Millipore-Sigma), 1 M β-glycerophosphate (Millipore-Sigma) and 100 U/mL 

penicillin-100 µg/mL streptomycin (Gibco); 3) a 50% MM:50% OM mixture; or 4) a 75% 

MM:25% OM mixture. For the co-cultures, these formulations were used in both the bottom well 

and insert. Second, to determine the optimal culture surface for MSC and SC proliferation and 

differentiation, MSCs, SCs, or a co-culture were cultured for 14 days in either OM (for MSCs) or 

MM (for SCs) in standard 12-well plates modified with one of the following four surface coatings: 

2% gelatin (Millipore-Sigma), collagen I (Fisher Scientific), Matrigel® (Fisher Scientific), or 

nothing. For the co-cultures, MM was used in the bottom well, and OM was used in the insert.   

 

Figure 1. Experimental design. Bone (MSCs) and muscle (SCs) cells were plated in either mono-culture in 12-well plates or co-

culture in a Transwell® system and tested with four media formulations and four plate coatings. MM=myogenic media, 

OM=osteogenic media. 
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4.3.3. Viability analyses 

 On differentiation days 3, 7, 10, and 14, an AlamarBlue® solution (ThermoFisher, Waltham, 

MA) was mixed into each well (90% media, 10% AlamarBlue®), and the cells were incubated at 

37°C. After 3 h, the solution was collected, and absorbance readings were taken at 570 and 600 

nm (Synergy H1 Biotek, Winooski, VT). For the co-cultures, the bottom well and insert of the 

Transwell® plates were analyzed separately. The percent reduction in AlamarBlue® level, a 

measure of proliferative ability, was determined from the absorbance reading according to the 

manufacturer’s instructions.  

4.3.4. Differentiation analysis 

 On differentiation day 14, wells were rinsed in phosphate buffered saline (PBS), fixed in 10% 

zinc-buffered formalin (VWR, Randor, PA) for 30 min, and then rinsed again with PBS. To assess 

mineral deposition for MSC differentiation, a 2% Alizarin Red S (Fisher) solution was applied to 

each sample for 5 min, rinsed with deionized water, and imaged using an iPhone 6S camera (Apple, 

Cupertino, CA) and EVOS XL light microscope (EVOS Life Technologies, Carlsbad, CA). 

Mineral deposition was quantified by solubilizing the Alizarin Red S stain with a 0.5 N HCl + 5% 

sodium dodecyl sulfate (SDS) solution for 30 minutes and then taking absorbance readings at 405 

nm. Representative SC differentiation was determined by cell morphology with differentiated SCs 

exhibiting multi-nucleated and elongated cells. 

4.3.5. Statistical analyses 

 Statistical analyses were performed with Prism (version 6.07; GraphPad Software, La Jolla, 

CA) using a significance level of p < 0.05. All results were averaged across the three rats and 

expressed in the form of mean ± standard deviation. The effects of media formulation and culture 

surface were examined using two-way ANOVAs with culture type (Mono-SC, Mono-MSC, Co-
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SC, Co-MSC) as one factor and either plate coating or media formulation as the second factor. 

Differences within each factor were evaluated with Tukey’s post-hoc analyses. 

4.4. Results 

4.4.1 Viability results 

 Based on the alamarBlue® reduction results, neither plate coating nor media formulation 

affected MSC viability/proliferation at any time point (coating mono-culture: p = 0.99, coating co-

culture: p=0.99, media mono-culture: p=0.98, media co-culture: p=0.55,  Fig. 2). At day 14, cell 

viability remained stable across all samples. Similarly, SC viability was not affected by either plate 

coating or media formulation (coating mono-culture: p = 0.99, coating co-culture: p=0.99, media 

mono-culture: p=0.92, media co-culture: p=0.54, Fig. 3).  
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Figure 2. AlamarBlue percent reduction in MSCs. MSCs in mono-culture (A,B) or co-culture (C,D) with different plate coatings 

(A,C) and media formulations (B,D). Viability/proliferation was not affected by plate coating or media formulation. Data are mean 

± SD. 
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Figure 3. AlamarBlue percent reduction in SCs. SCs in mono-culture (A,B) or co-culture (C,D) with different plate coatings 

(A,C) and media formulations (B,D). Viabiltiy/proliferation was not affected by plate coating or media formulation. Data are mean 

± SD. 

 

4.4.2. Differentiation results 

 Alizarin red S staining did not differ by plate coating, but it did differ among culture types 

(Fig. 4A). Mono-cultured MSCs demonstrated more staining, indicative of greater mineral 

deposition, than mono-cultured SCs (p = 0.0036) or co-cultured SCs (p = 0.0029), signifying that 

MSCs successfully differentiated to osteoblasts. While the alizarin red staining was not 

significantly different for co-cultured MSCs compared to both SC cultures, it was also not different 

compared to mono-cultured MSCs, suggesting that the co-cultured MSCs still mineralized, just 

not as much as mono-cultured MSCs. Media formulation had no effect on alizarin red staining 

(Fig. 4B). Although not statistically significant, mono-cultured MSCs generally had the greatest 
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amount of staining in OM media, with subsequent decreases when under the influence of mixed 

media. Surprisingly, co-cultured MSCs had similar alizarin red staining compared to SCs 

regardless of media. Qualitatively, based on images of the alizarin red staining, MSCs had greater 

mineral deposition than SCs, as expected. Furthermore, under different media formulations, MSCs 

demonstrated the most mineralization in OM (Fig. 5). As the amount of OM in the mixed media 

decreased, mineralization also decreased to levels similar to those seen in MM.  
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Figure 4. Alizarin red quantification. (A) Plate coating and (B) media formulation had no effect on AR quantification at 14 days 

post-differentiation. Regardless of coating, mono-cultured MSCs had more staining, indicative of more mineralization, than mono- 

or co-cultured SCs. Mono-cultured MSCs mineralized best in OM, as expected. Data are mean ± SD. *p < 0.05. 

 

Based on image assessments of SC morphology, SCs in MM had elongated cell shapes typical of 

early developing myotubes in both mono- and co-culture (Fig. 6). However, SCs in OM or mixed 

media had a cell shape that was less elongated and more fibroblastic in appearance. In media where 

FBS was still present, SCs often reached confluence and lifted off the plate by day 14. SCs did not 
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show a preference for a particular coating, with similar cell morphology across all plate coatings 

(data not shown). 

 

Figure 5. Representative alizarin red images of MSCs in mono-culture. At day 14, MSCs had the greatest mineral deposition 

in OM than in the other media formulations. 

 

Figure 6. Representative images of differentiated SCs. At day 14, mono- and co-cultured SCs had an elongated shape typical of 

early developing myotubes in MM but were more fibroblastic in appearance in OM. 

 

4.5. Discussion 

 Understanding bone-muscle interactions is becoming increasingly important for better 

understanding of musculoskeletal diseases. Here, we developed a co-culture system capable of 

allowing independent proliferation and differentiation of bone MSCs and muscle SCs. In 

developing this system, we determined the optimal conditions (culture surface and media 

formulation) that would enable the best viability and differentiation of MSCs and SCs. While 

culture surface had no effect on MSC or SC viability and differentiation, media formulation 

demonstrated marked effects on differentiation, with MSC-SC co-cultures performing best when 
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each cell type was plated with its own cell-specific media formulation (i.e., MSCs in OM and SCs 

in MM). 

 While utilizing co-cultures of two different cell types is not a unique approach20,23,27,28, to our 

knowledge, a MSC-SC indirect co-culture has not previously been performed. Optimal conditions 

for a Transwell®-style co-culture approach are not well established, with other similar studies 

utilizing different cell types not discussing how the specific conditions were chosen. We chose a 

Transwell® system rather than a direct co-culture method due to the shared lineage of SCs and 

MSCs29,30 and the difficulty in separating these two cell types based on morphology. Additionally, 

bone morphogenetic proteins, secreted by bone-specific cells, can have the effect of slowing SC 

differentiation.31-33 By separating the cell types and applying associated media, we can mitigate 

these direct contact effects.  

 The surface coating on which cells are cultured can be a critical component of regulating 

cellular behavior. In both bone-muscle, collagen type 1 is a component of extracellular matrix and 

can enhance viability in both SCs and MSCs5,34, while also promoting osteogenesis in MSCs5. 

Gelatin was chosen as a cheaper option to collagen, and it can provide relatively greater cell 

adhesion. Matrigel® is a protein mixture secreted by mouse sarcoma cells and thus contains 

numerous structural proteins like laminin and collagen, as well as growth factors such as tumor 

growth factor beta and endothelial growth factor35. This complex composition can allow for 

enhanced cellular proliferation and signaling behavior that may not arise with other coatings. In 

this study, plate coating did not affect cell viability or differentiation. Therefore, the importance 

of plate coating in these experiments may not be as critical unless growth factors are being 

investigated. In that case, Matrigel® should be avoided if looking at any of the growth factors in 
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its complex composition. Preliminary crosstalk data seems to support this assertion, as IGF-1 

expression was greater with Matrigel® than with other coatings (Fig. 7). 
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Figure 7. Preliminary bone-muscle crosstalk data. IGF-1 expression in conditioned media was greater in mono-cultured SCs 

than mono-cultured MSCs or co-cultured SCs (* p < 0.05 for group differences), and it was greater in Matrigel® than in other 

coatings (◦ p < 0.05 for coating differences). Data are mean ± SD. 

  

 The media chosen for these experiments played a larger role than did plate coating in the 

behavior of both SCs and MSCs. The MM formulation chosen for SCs is known to induce 

differentiation of SCs to myotubes36,37. Similarly, the OM formulation chosen is known to induce 

differentiation of MSCs to osteoblasts38. Because the media in the bottom well and insert get 

inevitably mixed in Transwell® systems, we opted to use mixed media formulations with different 

ratios of MM to OM to determine the effect on cell behavior. For cell viability, media had no effect 

in any culture type at any time point. Since OM, 50:50 OM:MM, and 75:25 OM:MM had FBS, 

proliferation was favored in SCs over differentiation resulting in highly confluent wells, or wells 

where cells lifted off the plate. This response is common in SCs where media with FBS is 

continually supplied. 39 Therefore, future co-culture studies should seek to minimize the amount 

of FBS when attempting to force SCs to grow to myotubes. For MSCs, mono-cultured MSCs in 

media other than OM showed declines in the amount of mineral produced. As the OM additives 

have reduced concentrations in other media formulations, differentiation was also reduced, and 
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MSCs tended to remain as undifferentiated MSCs. As with the SCs, MSCs also often became 

confluent by day 14, although they did not lift off the plate. Again, future co-cultures should 

attempt to reduce the dilution of OM to ensure the maximal amount of differentiation can occur in 

the MSCs.  

 Surprisingly, cell viability in co-culture did not differ significantly from that in mono-culture. 

We expected that co-cultured cells would synergistically enhance viability, since the crosstalk 

between cell types could lead to increased growth, as shown in other similar co-culture 

studies23,40,41. In the work here, signaling changes may have regulated the growth of both SCs and 

MSCs such that neither proliferated more quickly than in mono-culture. Other studies have 

suggested that a functional ‘bone-muscle-unit’ may influence how both bone and muscle 

develop42,43. Signaling factors can also regulate these changes in bone-muscle crosstalk2. Further 

work is needed to determine these specific signaling pathways regulating MSC-SC interactions.  

 Co-culture was neither beneficial nor detrimental to cell viability, suggesting that this 

Transwell® method may be a stable method for investigating MSC-SC interactions. The decreased 

mineralization by co-cultured MSCs compared to mono-cultured MSCs, however, suggests that 

either the dilution of OM or signaling effects of SCs reduced differentiation of the MSCs. In plate 

coating experiments where SCs received MM and MSCs received OM, only a marginal decrease 

in mineralization of co-MSCs relative to mono-MSCs was observed, while media formulation 

experiments demonstrated mineralization of co-MSCs similar to those of SCs. Media mixing in 

co-culture can take a longer period of time44, suggesting that the media formulation played more 

of a role in the reduction of mineralization than signaling effects from SCs. Taken together, this 

system is most effective when the media specific for each cell type is used and steps are taken to 

reduce the dilution of OM or the amount of FBS in MM. 
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CHAPTER 5: Changes in Cellular Crosstalk between Skeletal Muscle Myoblasts and Bone 

Osteoblasts with Aging  

5.1. Abstract 

 Musculoskeletal function declines with aging, resulting in an increased incidence of trips and 

falls. Both bone and muscle experience age-related losses in tissue mass that alter their mechanical 

interactions in a well characterized manner, but changes in the biochemical interactions between 

bone and muscle with aging are not well understood. Of note, insulin-like growth factor 1 (IGF-

1), a potent growth factor for bone and muscle, can be negatively altered with aging and may help 

explain losses in these tissues. We recently developed a co-culture system for simultaneous growth 

of bone mesenchymal stem cells (MSCs) and muscle satellite cells (SCs) to investigate the 

biochemical crosstalk between the two cell types. Here, we utilized an aging rat model to study 

cellular changes between young and old rat MSCs and SCs, in particular whether 1) young MSCs 

and SCs have increased proliferation and differentiation compared to old MSCs and SCs; 2) young 

cells have increased IGF-1 and collagen expression as a measure of crosstalk compared to old 

cells; and 3) young cells can mitigate the aging phenotype of old cells in co-culture. Rat MSCs 

and SCs were either mono- or co-cultured in Transwell® plates, grown to confluence, and allowed 

to differentiate for 14 days. Across the 14 days, cell proliferation was measured, with 

differentiation and crosstalk measurements evaluated at 14 days. The results suggest that in both 

young and old, proliferation is greater in mono-cultures compared to co-cultures, yet age and cell 

type did not have a significant effect. Differentiation did not differ between young and old cells, 

yet MSCs and SCs demonstrated the greatest amount of differentiation in co-culture. Finally, age, 

cell type, and culture type did not have a significant effect on collagen or IGF-1 expression. These 

results suggest co-culture may have a controlling effect, with the two cell types acting together to 



   

117 

 

promote differentiation more than in mono-cultures, yet this response was not altered by age. In 

general, results for old cells had higher variability, suggesting that age-related changes are more 

lifestyle dependent. This study was the first to use this rat aging model to investigate changes 

between bone and skeletal muscle cells, however further investigations are required to determine 

what signaling changes occur in response to age. Determining these signaling changes could lead 

to new targets for mitigating the progression of aging.  

5.2. Introduction 

 Musculoskeletal performance declines with aging, resulting in an increased incidence of trips 

and falls in the elderly.1 These changes are compounded by concomitant losses in bone mass 

(osteopenia, osteoporosis) and skeletal muscle mass (sarcopenia),3,4 leading to high rates of 

fracture and muscle injury in the elderly population. Under the mechanostat paradigm, these 

detrimental muscle changes, which manifest in decreased muscle loading on the skeleton, will 

induce negative bone adaptation and bone loss.2 Aged individuals with decreased bone mass 

(osteopenia) often also present with reduced muscle mass and function (sarcopenia).3,4 However, 

although elderly populations often experience both osteopenia and sarcopenia, age-related declines 

in either bone or muscle mass cannot fully explain the extent of functional declines in the other 

tissue, supporting the idea that bone-muscle interactions are not solely mechanical in nature. 

Indeed, the emergent thought is that biochemical interactions also play an important role in bone 

and muscle tissue health and function, in particular the direct communication between the two 

through paracrine signaling pathways, or cell-cell crosstalk.5,6 Improving our understanding of 

how bone-muscle crosstalk changes with aging could inform the development of targeted therapies 

to mitigate age-related losses in musculoskeletal function.  
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 Age-related changes in biochemical signaling are well characterized for bone and muscle 

individually. In muscle, satellite cells (SCs) responsible for muscle repair have decreased activity 

from overuse, and signaling molecules such as inflammatory and growth factors are reduced.7,8 

Similarly, bone loss associated with aging is the result of reduced functional ability of bone 

osteoblasts to produce new bone, as well as a loss of signaling factors.9  

 While these signaling changes have been investigated in either muscle or bone alone, the 

investigation of the signaling changes in tandem have been under characterized. The concurrent 

age-related changes in bone and muscle signaling are not fully understood, although the 

importance of this crosstalk has been established in several key studies. In elegant parabiosis 

studies, in which the vascular systems for young and old rat pairs were surgically merged, old rats 

experienced some muscle rejuvenation, including increased muscle mass and improved muscle 

fiber structure, although specific factors from the young rats stimulating this change remained 

unidentified.17,18 Further, in vivo studies demonstrated faster healing of bone fractures in the 

presence of muscle tissue,19,20 but again the specific crosstalk factors stimulating tissue repair were 

not investigated. Therefore, a more specific method is required to investigate the specific crosstalk 

changes. Our previous work optimized a co-culture system between SCs and bone mesenchymal 

stem cells (MSCs) to investigate the optimal growth conditions for each cell type. Utilization of 

this system could lead to better understanding of the crosstalk between muscle and bone. 

 One signaling target for investigation in both muscle and bone is insulin-like growth factor 1 

(IGF-1). IGF-1 is a potent growth factor secreted by the liver in response to the secretion of growth 

hormone.10 However, IGF-1 has also been demonstrated to be released by both muscle and bone 

to be used in an autocrine or paracrine fashion.10,11 The downstream effects of IGF-1 result in 

protein synthesis such a collagen I to lead to increased muscle and bone mass.10 As a critical growth 



   

119 

 

factor for both muscle and bone, studies have demonstrated that reductions in IGF-1 lead to 

reductions in both muscle and bone mass,11-13 and decreased the amount of collagen in these 

tissues.14-16 However, how IGF-1 is altered in the crosstalk between muscle and bone has not been 

investigated.  

 The purpose of this study was to characterize concurrent changes in bone and muscle cells and 

biochemical interactions with aging. Using our previously optimized co-culture system, we paired 

bone mesenchymal stem cells (MSCs) and muscle SCs from both young and old rats and examined 

cell viability, differentiation, and crosstalk using young-young, old-old, young-old, and old-young 

pairs. We hypothesized that in old cells, there would be decreased cell viability, a decrease in the 

differentiation of SCs and MSCs into their mature phenotypes, and a decrease in the amount of 

crosstalk, measured by IGF-1 and collagen I expression. Furthermore, we wanted to test the 

hypothesis that young factors could improve the aging phenotype as demonstrated by Conboy et 

al.18 By co-culturing young and old cells together we hypothesized that the young SCs or MSCs 

when cultured with the opposite old cell would be unchanged when compared to their regular 

young co-cultured with young cells. Additionally, the old cells (either SCs or MSCs) when 

cultured with young cells would see an increase in cell viability, cell differentiation, and cell 

crosstalk when compared to old cells co-cultured with other old cells.  

5.3. Methods 

5.3.1. Animals and cell isolation 

 The Institutional Animal Care and Use Committee at North Carolina State University approved 

all animal procedures. F344 x brown Norway F1 rat hybrids were used in this study as a model for 

aging, because they are commonly used in aging muscle function studies. Ten young (5-9 months 

old) and ten old (33-34 months old) F344 x brown Norway hybrid rats (National Institutes of 
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Aging, Bethesda, Maryland) were fed a normal diet and kept under a 12-hr light/12-hr dark cycle 

with free access to chow and water until euthanasia. After acclimation to the animal facility for 

one week, rats were euthanized by CO2 inhalation, followed by immediate dissection to remove 

the gastrocnemius and tibialis anterior (TA) muscles and the tibia and femur from one leg. Rat 

bone MSCs were isolated from the tibia and femur using a method modified from Zhang and 

Chan.21 Briefly, the bones were placed in warm MSC-specific growth medium (MSCGM) 

consisting of alpha-MEM (Gibco, Gaithersburg, MD), 10% fetal bovine serum (Gemini Bio-

Products, West Sacramento, CA), and 100 U/mL penicillin-100 µg/mL streptomycin (Gibco). The 

bone ends were removed, and the remaining segments were flushed with MSCGM to extract the 

marrow and isolate the MSCs. The MSCs were plated on a single 120-mm plastic plate (Corning, 

Tewksbury, MA) coated with 2% gelatin (Fisher Scientific, Hampton, NH) and cultured with 

MSCGM in a humidified atmosphere at 37°C with 5% CO2. After 48 h, the nonadherent cells were 

washed out, and the cultures were expanded to passage 2.  

 SCs were extracted from the gastrocnemius and TA using a protocol from Danoviz and 

Yablonk-Reuveni.22 Briefly, the muscles were placed in warm SC-specific growth medium 

(SCGM) consisting of high glucose Dulbecco’s MEM (Gibco), 20% fetal bovine serum (Gemini 

Bioproducts), 10% horse serum (Gibco), and 100 U/mL penicillin-100 µg/mL streptomycin 

(Gibco). Tendon, fat, blood vessels, and connective tissue were removed, and the remaining 

muscle was cut into small (~3 mm3) cubes. Muscle cubes were collected and added to a 1% Pronase 

solution (Pronase Protease, Millipore-Sigma, St. Louis, MO) in SCGM for one hour for digestion. 

The solution and remaining muscle were then collected and suspended in 10 mL of additional 

SCGM. The entire solution was subjected to mechanical trituration by passing the solution through 

a wide-bore pipette to liberate SCs. Finally, the triturated solution was passed through a cell 
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strainer with a 70-µm pore size (Fisher Scientific), and SCs were collected and plated on a single 

2% gelatin-coated 120-mm plate with SCGM in a humidified atmosphere at 37°C with 5% CO2. 

After 48 h, the nonadherent cells were washed out, and the cultures were expanded to passage 2.  

5.3.2. Co-culture design 

 After passage 2, cells were plated in both mono- and co-culture (Fig. 1). In mono-culture 

experiments, SCs and MSCs were each cultured at 20 x 103 cells per well in a 12-well gelatin-

coated plate, with each condition run in triplicate per animal. In co-culture experiments, SCs and 

MSCs were each cultured at 20 x 103 cells per well in a 12-well Transwell® gelatin-coated plate 

(Corning, Corning, NY), with SCs in the bottom well and MSCs in the insert, separated by the 0.4-

µm pore membrane. Plates were allowed to grow to 50% confluence in SCGM for SCs and in 

MSCGM for MSCs. At 50% confluence, media was changed to myogenic media (MM) for SCs 

(containing high glucose Dulbecco’s MEM (Gibco), 1% horse serum (Gibco), and 100 U/mL 

penicillin-100 µg/mL streptomycin (Gibco)) and osteogenic media (OM) for MSCs (containing 

alpha-MEM (Gibco), 10% fetal bovine serum (Gibco), 50 mM ascorbic acid (Millipore-Sigma), 

100 µM dexamethasone (Millipore-Sigma), 1 M β-glycerophosphate (Millipore-Sigma) and 100 

U/mL penicillin-100 µg/mL streptomycin (Gibco)) to allow differentiation to occur. 

Differentiation continued for 14 days, at which point outcome metrics (below) were assessed.   
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Figure 1. Study design. SCs and MSCs were isolated from rat tissue and cultivated in monoculture and co-culture and allowed to 

differentiate for 14 days. Outcome metrics (described below) were then assessed.  

 

5.3.3. Cell proliferation 

 On differentiation days 0, 3, 7, 10, and 14, an alamarBlue® solution (ThermoFisher, Waltham, 

MA) was mixed into each well (90% media, 10% alamarBlue®), and the cells were incubated at 

37°C. After 3 h, the solution was collected, and absorbance readings were taken at 570 and 600 

nm (SynergyTM H1M, BioTek Instruments, Inc., Winooski, VT). For the co-cultures, the bottom 

well and insert of the Transwell® plates were analyzed separately. The percent reduction in 

alamarBlue® level, a measure of proliferative ability, was determined from the absorbance reading 

according to the manufacturer’s instructions.  

5.3.4. Cell differentiation 

 On differentiation day 14, cells were rinsed with phosphate buffered saline (PBS), fixed in 

10% zinc-buffered formalin (VWR, Randor, PA) for 30 min, and then rinsed again with PBS. To 

assess mineral deposition for MSC differentiation, a 2% Alizarin Red S (Fisher) solution was 

applied to each sample for 5 min, rinsed with deionized water, and imaged using an iPhone 6S 

camera (Apple, Cupertino, CA) and EVOS® XL light microscope (Life Technologies, Carlsbad, 

CA). Mineral deposition was quantified by solubilizing the Alizarin Red S stain with a 0.5 N HCl 
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+ 5% sodium dodecyl sulfate (SDS) solution for 30 min and then taking absorbance readings at 

405 nm.  

 To assess SC differentiation, immunocytochemistry (ICC) procedures for skeletal myosin 

expression were performed. On differentiation day 14, cells were rinsed with DMEM, fixed in 

10% zinc-buffered formalin for 10 min, and then rinsed with tris-buffered saline (TBS). A blocking 

solution of TBS with 2% normal goat serum (NGS) was applied to the cells and allowed to incubate 

at 4°C overnight. Cells were then allowed to warm to room temperature for 10 min. A rat-specific 

primary antibody for skeletal muscle myosin heavy chain (MA1-35718, ThermoFisher) was 

diluted 1:5 in TBS-NGS. Wells were rinsed with a TBS-0.05% Tween 20 (TW20, ThermoFisher) 

solution, and primary antibodies were applied. Cells were incubated for 1 h at room temperature, 

followed by an overnight incubation at 4°C in a humidified chamber with gentle shaking. Cells 

were again allowed to return to room temperature while the secondary antibody (AlexaFluor 584, 

A-21044, ThermoFisher) was diluted 1:10 in TBS-NGS. Cells were rinsed in TBS-TW20, and the 

secondary antibody was applied for 2 h at room temperature. Wells were aspirated and rinsed with 

TBS-TW20, and a diluted DAPI (ThermoFisher) solution was prepared (1 ug/mL diluted in TGS-

NGS) and applied to the wells for 30 min at room temperature. Wells were rinsed with TBS-TW20 

a final time and mounted with a drop of Vectashield (Vector Laboratories, Burlingame, CA) and 

a 25% glycerol solution in TBS. Cells were imaged (EVOS® FL Auto, Life Technologies, 

Carlsbad, CA), and area and integrated density of the fluorescent regions were measured. SC and 

MSC differentiation were also assessed qualitatively based on cell morphology, looking for multi-

nucleated and elongated cells with SCs and a fibroblastic appearance and mineral nodules with 

MSCs. 
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5.3.5. Cellular crosstalk 

 Since IGF-1 aids growth in both bone and muscle, its expression was assessed in the 

conditioned media of both mono- and co-cultures at differentiation day 14 using an ELISA kit 

(ERIGF1, ThermoFisher), according to the manufacturer’s instructions. A standard curve was 

produced, and samples expressing IGF-1 levels outside of the standards’ range were omitted.  

 To assess the effect of aging on collagen production, ICC was performed to evaluate the 

amount of collagen deposited by the cells. The ICC protocol was the same as for the cellular 

differentiation analysis, except with a rat-specific collagen I primary antibody (PA1-36145, 

ThermoFisher) and a secondary antibody (A-11034, ThermoFisher) used at a 1:10 dilution in TBS-

NGS.  

5.3.6. Statistical analyses 

 Statistical analyses were performed with Prism (version 6.07; GraphPad Software, La Jolla, 

CA) using a significance level of 0.05. All results were averaged across the groups and expressed 

in the form of mean ± standard error of the mean due to unbalanced samples. The effects of age 

(young, old) and cell type (Mono-SC, Mono-MSC, Co-SC, Co-MSC) were examined using two-

way ANOVAs. In cases where differentiation day was considered, a two-way ANOVA was 

performed with repeated measures. Post-hoc pairwise comparisons within each factor were 

evaluated with Tukey tests if interactions were previously found to be significant. 

5.4. Results 

5.4.1. Cell viability  

 Percent reduction in alamarBlue® differed significantly by cell culture type at differentiation 

days 7, 10, and 14 (p < 0.05, Fig. 2), with mono-cultures demonstrating greater proliferation than 

co-cultures at these later time points, and with co-cultures demonstrating no difference between 
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young and old cell types. Young muscle (SCs) in mono-culture demonstrated greater proliferation 

at days 7, 10 and 14 of differentiation compared to young muscle paired with either young or old 

bone (MSCs) cells (p < 0.05, Fig. 2A). This pattern continued in young bone (Fig. 2B), old muscle 

(Fig. 2C) and old bone (Fig. 2D). Furthermore, no differences were found in proliferation between 

young and old co-cultures or mono-cultures (i.e., Ym vs Om, or YmYb vs OmYb).  

 
Figure 2. AlamarBlue® reduction across differentiation days for different cultures. Proliferative ability differed between some 

mono- and co-cultures during differentiation days 7-14 for A) young muscle, B) young bone, C) old muscle, and D) old bone. Data 

are mean ± SEM. *p < 0.05 for mono-culture (blue) vs. co-culture (red). **p < 0.05 for mono-culture (blue) vs. co-culture (green). 

 

5.4.2. Collagen and Myosin Expression 

 Collagen immunostaining did not differ across cell or culture type (Fig. 3A). In general, 

differences in collagen expression between mono-cultures and co-cultures were small (p > 0.05), 

according to the amount of collagen staining in a given field. When these values were normalized 
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to intensity or number of cells in the area, there still was no difference. For myosin, the relative 

expression in muscle cells compared to that in bone cells was generally greater in co-culture than 

in mono-culture (p < 0.05, Fig. 3B), with no difference in the amount of myosin expressed between 

young and old cells, either in mono- or co-culture (p > 0.05). In mono-culture, myosin expression 

did not differ between muscle and bone cells regardless of age (p > 0.05). However, myosin 

expression in muscle cells seemed to trend higher than in bone cells. In co-culture, bone cells 

generally had little to no expression of myosin relative to their muscle cell counter-parts (p < 0.05). 

Age had no effect on the amount of myosin expressed in these co-cultures. Similarly, when 

controlling for intensity or number of cells within the field, these differences remained the same. 

Representative images of these condition are shown in Figures 3 C, D, and E.  
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Figure 3. Immunocytochemistry analysis of cultured cells. Collagen I expression (A) and skeletal myosin expression (B) after 

14 days of differentiation. No differences in collagen expression were found across cell type or age, or in mono- vs. co-culture (p 

< 0.05). Myosin expression was typically increased in SCs in co-culture (*,p < 0.05) and tended to be increased compared to 

MSCs in mono-culture. Age had no effect between these conditions. Representative images from the various conditions are 

shown in (C), (D), and (E). Data are mean ± SEM.
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5.4.3. Mineralization  

 Alizarin red results in mono-culture showed that bone cells had or tended to have significantly 

more amounts of mineralization relative to muscle cells (p < 0.05), yet age did not have a 

significant effect (p > 0.05, Fig. 4A). In co-culture, however, all cell types and ages had very little 

mineralization (p > 0.05). Between mono- and co-cultures, mineralization was higher in bone cells 

in mono-culture than in co-culture. These data suggests that osteoblasts more successfully 

differentiated into osteoblasts in mono-culture than in co-culture. 

 

Figure 4. Alizarin red solubilization data from fixed cells. Solubilization results (A) and representative images (B). In mono-

culture, MSCs tended to have or had a significantly greater amount of mineralization compared to SCs (p < 0.05). In co-culture, 

MSCs paired with old SCs had significantly less mineralization compared to their mono-culture equivalent (p < 0.05). MSCs paired 

with young SCs had similar amounts of mineralization compared to mono-culture (p < 0.05). Data are mean ± SD. Bars with the 

same letter above them are significantly different.  

  

5.4.4. Crosstalk  

 ELISA results for IGF-1 expression in conditioned media demonstrated no difference between 

cell or culture type (Fig. 5). In mono-culture, bone cells tended to have lower expression of IGF-

1 compared to muscle cells, but these differences were not significant; young and old cells had 

similar IGF-1 expression in mono-culture. In co-culture, IGF-1 expression did not differ between 

cell types or between young and old cells. Furthermore, no differences were found in the amount 
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of expression between mono- and co-cultures. These results suggest that IGF-1 expression is not 

altered by communication between these two cell types in aging.  

 

Figure 5. IGF-1 expression from conditioned media on day 14. IGF-1 expression did not differ by cell type, culture type, or age 

(p > 0.05). Data are mean ± SEM.  

 

5.5. Discussion 

 Understanding the bone-muscle interactions has become increasingly important to better 

understand musculoskeletal diseases. Understanding these interactions with regards to aging could 

lead to novel therapeutic options to improve aging outcomes. Here, we utilized a previously 

optimized co-culture system to investigate the bone-muscle interactions in both young and old 

cells. Our hypothesis was that, younger cells would generally demonstrate greater proliferation 

and differentiation compared to old cells. Furthermore, when placed in co-culture, young cells 

paired together would experience increased crosstalk between the cell types; young cells paired 

with old cells would be able to improve the old cells’ proliferation, differentiation, and crosstalk; 

and old cells paired together would perform the worst in regards to proliferation, differentiation, 

and crosstalk. The results of these experiments demonstrated that our hypotheses were partially 

supported.  
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5.5.1. Cellular proliferation 

 Our specific hypothesis for cellular proliferation predicted that young cells would proliferate 

more than old cells. Additionally, as a secondary hypothesis, we predicted that cells in co-culture 

would undergo increased proliferation compared to the mono-cultured cells. Our alamarBlue® 

results suggested that there was no difference between young and old cells when undergoing 

proliferation contrary to our hypothesis. Furthermore, our secondary hypothesis was not supported 

in that monocultures overall demonstrated increased proliferative ability at later days of 

differentiation compared to co-cultures. Other studies investigating the proliferative potential 

between two cell types have demonstrated typically an increased proliferation response compared 

to monocultures.23,24 The differences between these finding and our own however, lie in the 

selection of animal model, cell type, and type of co-culture. In our case, we are the first to use this 

animal model of aging in a co-culture study between SCs and MSCs. The decreased proliferation 

found in our co-cultures may be the result of a regulatory effect between the two cell types in co-

culture. This response may mimic those found in the in vivo state where bone-muscle interactions 

can regulate the growth of both tissue types.25 More interestingly however, is that this regulatory 

effect was conserved across age in our data. Aging can hinder many aspects of the cellular 

lifecycle, with decreases in proliferation a common characteristic.26-28 Decreased proliferation was 

not observed in our old cell data and may be the result of a less severe phenotype in our cells that 

may be present in other studies. This less severe phenotype observed here continues through much 

of our data set. 

5.5.2. Cellular differentiation 

 Another aspect of our hypothesis was that old SCs would demonstrate decreased differentiation 

(measured by skeletal myosin deposition) compared to young SCs and that SCs overall would 



   

133 

 

demonstrate an increased amount of myosin compared to MSCs. As a secondary hypothesis, we 

expected that co-cultured SCs would demonstrate more myosin deposition compared to mono-

cultured SCs and that old SCs cultured with young MSCs would have an increased amount myosin 

compared to old SCs cultured with old MSCs. Old SCs can demonstrate a decrease in the amount 

of myosin as SCs become warn out, less proliferative, and instead more collagen or other fibrotic 

material is placed.29,30 Here, our hypotheses were only partially supported. In co-culture 

particularly, SCs had increase myosin content compared to MSCs, yet there was no change due to 

age. In monoculture, there was no change between myosin expression between SCs and MSCs, 

although SC myosin expression tending to be increased. These data suggest that in co-culture, 

MSCs may have a beneficial effect on the differentiation of SCs. Other studies utilizing co-culture 

have demonstrated that this beneficial response may often be the cases as cross-talk signals 

between the two cell types may enhance the differentiation.31 Taken together with the viability 

results, this suggests that instead of actively dividing, the co-culture conditions promoted 

differentiation of SCs. Continuing forward, a more morphological investigation of myoblast fusion 

could provide a more definitive explanation for differentiation changes as described by others 

previously. However, in regards to age, the lack of change between young and old further suggests 

that the old phenotype was less severe than those demonstrated by other studies, or that an 

increased variability within samples contributed to a lack of significant differences between 

conditions.  

Surprisingly, MSC differentiation showed an opposite response compared to SCs. MSCs 

demonstrated increased mineral deposition, and by extension, increased differentiation in mono-

cultures compared to co-cultures, with little effect of age. Our hypothesis suggested that MSCs 

would have improved mineralization in co-culture, with more mineralization in young cells, 
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neither of which were supported by our data. We believe there may be two cases why this response 

was observed: (1) SCs inhibited MSC differentiation or (2) media mixing between the two wells 

diluted differentiation media in MSC wells. In the first case, novel experiments exploring bone-

muscle crosstalk have demonstrated that signaling factors from muscle such as myostatin and 

ciliary neurotrophic factor 1 (CNF-1) can inhibit osteoblast differentiation.32,33 These factors are 

secreted by muscle after sufficient growth in order to inhibit further muscle growth. In our 

preliminary studies and those of others, we have noticed that SCs can reach myoblast fusion as 

early at 10 days,34-36 whereas MSCs differentiation can take as long as 21 days in some studies37,38. 

In this case, we suggest that SCs were reaching a more differentiated state more quickly than MSCs 

and may have secreted these inhibitory factors before MSCs could completely differentiate. We 

also found that growth of myoblasts occurred more quickly than MSCs and could result in 

monolayers lifting off the plate, precluding us from continuing to 21 days to see if MSCs could 

reach a more differentiated state. In the second case, the transwell setup required that each cell 

type receive their own differentiation media, yet the pores within the transwell did not stop mixing 

between the two wells. While another has reported that this mixing can take several days39, and 

may not have been a factor in this study, we cannot exclude this possibility. In either case, the 

presence of significant mineralization in mono-cultures suggest that that the differences have 

arisen due to the co-culture setup itself. Furthermore, the lack of difference between young and 

old cultures continues to reinforce that the cells observed a less severe aging phenotype. 

5.5.3. Cellular crosstalk 

 To investigate crosstalk, we investigated the role of IGF-1 in signaling between the two cell 

types, as well as collagen I expression in the two cell types. With age, muscle commonly loses its 

ability to repair and replace tissue effectively, and instead deposits collagen. Additionally, bone 
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experiences collagen loss resulting in an increased incidence of fractures and microcracks with 

age.9 IGF-1 is a potent growth factor of both muscle and bone, and can enhance collagen 

production. We hypothesized that with age, IGF-1 expression would be decreased, leading to 

decreases in collagen I deposition in both SCs and MSCs. In co-culture experiments, we 

hypothesized that old cells plated with young cells would behave more similarly to young cells 

and have similar IGF-1 and collagen I expression, but our results did not support these hypotheses. 

Instead, our results show that there was no change in IGF-1 expression (Fig. 5) and collagen 

expression (Fig. 3A) did not differ across the culture conditions, cell types, or age. Many studies 

have highlighted the role of crosstalk between muscle and bone and the importance of this crosstalk 

for the growth and development of both.5 In this study we focused on IGF-1 as it is an important 

mediator of growth and is often reduced with age.40 However, IGF-1 has only been minimally 

investigated during bone-muscle crosstalk.  

 Our results with no age-related changes to IGF-1 expression were surprising, considering the 

differences in IGF-1 expression observed in several aging studies, but this discrepancy may result 

from the differences in study design. IGF-1 expression is frequently measured in serum samples41 

or in whole tissue samples.42 While both bone and muscle can secrete and react to their own IGF-

1 signals in an autocrine fashion, perhaps the IGF-1 expression in bone and muscle in an in vivo 

environment are enhanced by additional IGF-1 from the bloodstream and elsewhere. In the isolated 

in vitro environment used here, we found that IGF-1 is clearly secreted by bone and muscle but 

may only promote initial growth. Therefore, while we did not observe differences in IGF-1 

expression associated with age or co-culture conditions in this isolated system, it cannot capture 

the system-wide IGF-1 signaling that occurs in vivo. Furthermore, IGF-1 is merely one bone-
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muscle crosstalk factor that can be detrimentally affected by aging; studies of additional signaling 

factors could provide a more complete picture of age-related crosstalk changes in vitro.43-45  

 IGF-1 was also investigated due to its significant role in downstream collagen production. We 

anticipated diminished amounts of IGF-1 expression with aging would lead to decreased collagen 

deposition in old cells compared with young cells. In this context, the lack of differences in 

collagen I expression between cell types, ages, or culture types may not be so surprising. In bone, 

approximately 36% of its composition is collagen I, and this content decreases with age.46,47 

Conversely, muscle has 2-6% collagen and content increases with age.48,49 However, collagen I 

deposition in vitro was not different between bone or muscle cells. Since collagen is deposited by 

mature cells, and given the early maturation stage of our cells, perhaps the differentiation time was 

not sufficient to allow significant collagen deposition. Furthermore, in co-culture, the lack of 

difference in collagen deposition may be indicative of a lack of influence of the crosstalk between 

the two cell types. While differences in IGF-1 expression or collagen deposition were not observed 

with co-culture, we cannot exclude the possibility that other signaling pathways or protein 

expression were not altered by crosstalk. Further studies are required to probe this possibility. 

5.6. Conclusions 

 In summary, we demonstrated that co-culture of bone and muscle cells regulates proliferation 

more so than for cells grown in monoculture, yet age or cell type did not affect proliferation. 

Furthermore, differences in cellular differentiation or crosstalk were minimal with little to no effect 

of age, cell type, or culture condition on myosin expression, mineralization, IGF-1 expression, or 

collagen deposition. This study was the first to use the F344 x BN F1 hybrid rat in a study for 

cellular aging while also investigating the crosstalk between SCs and MSCs. The lack of 

differences between young and old cellular proliferation, differentiation, and crosstalk demonstrate 
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that this particular model may not be ideal for age-related cellular studies. However, the use of this 

model to successfully grow SCs and MSCs should provide evidence that further studies should 

seek to understand other aging changes across other cell types using this model. The use of a 

Transwell® co-culture system provides a framework with which to understand the individual 

contributions of each cell type, which cannot be isolated in direct co-culture models. Many 

potential bone-muscle crosstalk factors besides IGF-1 could be contributing to the concomitant 

age-related changes observed in bone and muscle in vivo, and future studies should focus either 

on developing in vitro systems that better mimic the in vivo aging environment and/or examining 

contributions of different signaling pathways to tissue aging. Overall, this study demonstrated that 

the intricate interactions between bone and muscle depends on a variety of cues, and advancing 

our understanding of these cues is essential for developing better models for mimicking aging and 

better treatments to mitigate functional musculoskeletal deficits with aging.  
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CHAPTER 6: General Conclusions and Future Directions 

 

6.1. Introduction 

 The work presented herein demonstrates a novel approach to understanding musculoskeletal 

changes with age by using a whole tissue-level functional study examining muscle-tendon unit 

(MTU) mechanics in tandem with a cellular-level study examining bone-muscle crosstalk. Both 

studies were performed using the same animals, thus enabling a more wholistic look at 

musculoskeletal aging across multiple length scales than done in previous studies. Of note, 

however, was that the results from the aging animal studies (Chapters 3 and 5) demonstrated small 

age-related changes and high variability in both tissue and cellular metrics. The high variability 

contributed greatly to the inability to detect statistical significance in the studies, yet it suggests 

that musculoskeletal aging may proceed in a more subject-specific manner.  

6.2. Tissue-level functional outcomes  

 As discussed in Chapters 1-3, a large discrepancy exists in the functional response of MTUs 

with aging. The data set generated here suggests a conclusion similar to some studies that old 

MTUs have an increased muscle stiffness and a decreased tendon stiffness. In this particular animal 

model, these muscle and tendon changes offset each other somewhat, providing a robustness to 

the system that resisted large changes in MTU function. These experimental results agreed with 

our modeling results in Chapter 2, as this internal change of stiffness led to a resonant frequency 

very similar to that of a young system. The model predicted our experimental results of small 

functional changes when resonant frequencies remain similar. Literature suggests that the resonant 

frequency of an ankle task can be self-selected in response to changing environments or conditions 

to “tune” the system.1 Therefore, when tendons become more complaint, resonant frequency 

should decrease, and aged individuals would be expected to lower movement frequency to 
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maintain their tuned condition. However, the increased stiffness of muscle raises the entire 

stiffness of the MTU to levels more closely matching the young condition. The change in internal 

stiffnesses alter the force-length characteristics of the MTU, forcing the MTU to undergo smaller 

operating lengths. These changes in aged MTUs help to explain the shuffled gait patterns of elderly 

individuals2, where unchanged resonant frequencies yet smaller length changes dictate that the 

individual has to move with smaller, quicker steps to compensate. If other joints are considered, 

other MTUs may compensate for these ankle-related changes leading to increased work performed 

at the hip.2  

 Aging studies often overlook the lifestyle of the individual before and during the aging process. 

For instance, sedentary lifestyles where MTU activation is minimal demonstrate an increase 

amount of muscle wasting compared to more active counterparts.3,4 Muscle wasting alone can lead 

to decreased force production due to a loss of cross-sectional area3, but lost muscle tissue may be 

replaced by fibrous proteins and lead to increased stiffness.5,6 These processes can be attenuated 

by resistive load training and exercise. A study examining plantar flexors demonstrated that 

strength training over a 3 month duration increases the cross-sectional area by as much as 17%, 

with improved functional outcomes compared to untrained controls.7 The old animals in our study 

demonstrated a higher variability in body mass and MTU mass compared to the young animals, 

suggesting that the cage activity of these animals over their lifespans may have contributed more 

to the stiffness changes of the MTU than aging alone. Other confounding factors that have not 

been explored here can also alter MTU stiffness and play a role in the function of aged MTUs, 

such as altered proprioceptive feedback, traumatic injury, and altered MTU geometry. However, 

awareness of and controlling for these factors in future studies could be paramount to reducing 

variability in aging experiments.   
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6.3. Cellular crosstalk outcomes 

 Our results from Chapter 5 were surprising, in that very few differences were observed  

between young and old cells from either bone or muscle. Perhaps most interesting was the lack of 

difference in crosstalk measurements across the study. Our initial hypothesis that IGF-1 signaling 

would drive collagen deposition and subsequently lead to increased collagen deposition in muscle 

and decreased in bone was not supported. However, these results may be less surprising when 

considered along with the small stiffness differences at the tissue level discussed in Chapter 3. 

Previous studies have shown that signaling pathways are altered differently in aging between the 

two tissues, leading to increased collagen deposition in aged muscle8 and decreased deposition in 

aged bone9. While IGF-1 signaling has a number of downstream targets, one of the most prominent 

is the production of collagen.10 IGF-1 is known to decrease in muscle with aging, suggesting that 

collagen deposition should also decrease, yet studies suggests that this is not the case.11 Perhaps 

one of the several other potent signaling factors, such as tumor growth factor beta (TGF-β)12 or 

the interleukin family13, which are increased with age and can induce collagen deposition, are 

involved. On the other hand, if these other signaling factors can induce collagen deposition with 

age, then bone should also have increased collagen deposition. However, these observations are 

not typically observed in aged, since remodeling in aging is generally shifted toward relatively 

more resorption than formation and thus more collagen degradation.9 In summary, while IGF-1 

was a good single choice for observing crosstalk changes between muscle and bone, various other 

potential factors exist that can impact collagen deposition and subsequent stiffness changes in these 

tissues at the cellular level.  

 As with the functional muscle data set, the results of the cell culture work were also highly 

variable, particularly for metrics in the older cells. While large variability is common in cell culture 
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work,14 lifestyle differences between individual animals likely also contributed by regulating 

different signaling mechanisms that greatly reduced the aging phenotype. Studies have shown the 

importance of simple lifestyle changes and the large downstream effects these can have on 

regulating genome expression and protein expression.15 While these animals were in highly 

controlled environments, we cannot discount the possibility that even small changes in cage 

activity or nutrition throughout the lifecycle may have contributed to the increased variability in 

cellular responses with aging.  

6.4. Future directions and final thoughts 

 While the studies herein were novel and provided key insights into the highly variable and 

seemingly individualistic nature of bone and muscle aging, some key future directions will help 

us better understand aging effects on the musculoskeletal system. In the tissue function studies, 

monitoring cage activity by either running wheel use16 or motion cameras17 has been a common 

practice and could provide insight into activity differences that may influence the aging response. 

In particular, controlling for these individual metrics in tissue functional data may provide better 

measurements than typical body mass or muscle mass normalizations. Unfortunately, data sets of 

this type would be both logistically and technically expensive, requiring years of upkeep to monitor 

the lifecycle of these animals, as well as sophisticated analysis to determine significant differences.  

 In cell culture studies, the particular co-culture setup used here was novel in that it allowed the 

individual contributions of each cell type to be isolated, yet reaching full differentiation potential 

in both cell types proved difficult. Future studies should differentiate each cell type completely 

before combining them in co-culture to ensure cells have reach a more mature state, which may 

better reflect in vivo conditions. Additionally, while IGF-1 was an interesting target, assessing the 

potential of various other signaling factors could identify ones that play a role in mediating bone-
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muscle crosstalk with aging. The use of recent “-omics” technologies, such as proteomics or 

metabolomics, would allow for high-throughput data acquisition of entire families of signaling 

factors that were not examined in the studies herein.18 Furthermore, while the quantity of collagen 

I was investigated and was not different among groups, the quality of deposited collagen has not 

been addressed. Differences in collagen crosslinks or amount of advanced glycation end products 

(AGEs) could speak to the quality of collagen in each cell culture. Since AGEs accumulate with 

advancing age, they could be deposited more in the old cell cultures, even though the collagen 

amount was not different.  

 Finally, while one novel aspect of this study was that all data were acquired from the same set 

of animals, the opportunity to better bridge the tissue- and cell-level studies cannot be avoided. 

Histology on the tissue itself could provide a snapshot of the amount of collagen in the tissue in 

vivo, which may be different than the amount that is deposited by cells in vitro. While this 

technique would not assess the potential “rescuing” effect addressed by the young/old co-culture 

design, these results could help better link functional outcomes from the cell and tissue studies.  

 Additional study designs could also be used to build off the studies herein that were not 

addressed (i.e., pharmacological intervention, parabiosis studies, etc.), which could provide insight 

into the mechanisms underlying the stiffness changes observed between young and old animals. 

Nevertheless, by highlighting the relationships between tissue and cell structural changes, this 

work provides a framework for more cross-disciplinary studies that may lead to designs of new 

clinical interventions. While some of these technologies may exist for humans (e.g., ankle-foot 

orthoses or exoskeletons to alter stiffness, pharmacological agents to assist collagen deposition or 

reabsorption), whether these technologies can help mitigate age-related pathologies remains to be 

seen.  
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